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Aging is a complex process that has been associated with multiple biological phenotypes 
linked to chronic diseases, such as decay of cell renewal and accumulation of senescent cells. FoxM1, 
the transcription factor that primarily drives late cell cycle gene expression, has been recently assigned 
as a major regulator of cellular aging.  
To study the role of FoxM1 in organismal aging, we used the zebrafish model and the 
CRISPR/Cas9 gene editing system to generate loss-of-function foxm1 mutations. Strikingly, all the 
different isolated mutations corresponded to small in-frame deletions, suggesting that foxm1 loss-of-
function is deleterious.  
In a complementary approach, we applied the same molecular tools to generate mosaics of 
differentiated muscle cells mutated for foxm1. We observed that the number of putative mutant cells 
tend to slowly decrease throughout time, whereas the number of labelled surrounding wild type cells 
tend to increase, when comparing with a control. In this context, preliminary results showed that the 
expression of genes involved in muscle regeneration and repair, as well as in senescence phenotype, 
reflected a tendency to increase. These results suggest that foxm1 expression potentially acts non-
autonomously in muscle tissue homeostasis, which could be compatible with a senescent cell identity.  
Finally, during the course of our experiments, we also found that the continuous expression of 
Cas9 in transgenic cells induces toxicity. This result shows that the current techniques used for loss-of-
function based CRISPR-Cas9 expression vectors must be improved. 
 


















O ciclo celular é um processo vital aos eucariotas e o seu controlo é essencial para manutenção 
da homeostase dos organismos. Vários genes têm sido descritos como reguladores das diferentes fases 
deste processo, contribuindo para o desenvolvimento dos indivíduos.  
O FoxM1 é considerado o principal regulador deste ciclo em mamíferos. Este gene codifica 
um fator de transcrição que regula outros genes com papel relevante nas diferentes fases do ciclo 
celular, na regulação do metabolismo celular, na remodelação da matriz extracelular sinalização 
celular e na regulação transcricional. De acordo com as suas funções reguladoras, este gene está 
associado a proliferação celular. Esta associação atua ao nível de desenvolvimento embrionário, 
regeneração e reparação de tecidos, progressão e iniciação de processos tumorais e senescência 
celular. Em murganho, a perda deste gene é letal dando origem a alterações severas em órgãos vitais 
como coração, fígado e pulmões. 
Em linhas celulares a perda de FoxM1 resulta em fenótipos mitóticos associados ao 
envelhecimento e poliploidia. Recentemente, foi demonstrado que a expressão de FoxM1 em células 
senescentes é reduzida e, recuperando a expressão deste gene em fibroblastos humanos de dadores 
idosos o fenótipo é recuperado, assemelhando-se a amostras de fibroblastos jovens. Também genes-
alvo de FoxM1 revelaram ter um papel importante no processo de envelhecimento sugerindo um 
envolvimento de FoxM1 no mesmo. O envelhecimento é um processo multifatorial complexo 
caracterizado pela perda gradual de integridade e funcionalidades dos tecidos e células. Este processo 
está associado a muitos fenótipos biológicos envolvidos em doenças crónicas. Entre estes fenótipos 
encontram-se descritos o decaimento da renovação celular, acumulação de células senescentes e 
disfunção mitótica do ciclo celular. A senescência celular consiste numa interrupção do ciclo celular 
com características fenotípicas e fisiológicas particulares incluindo a existência de um secretoma pro-
inflamatório (SASP). Desta forma, as células senescentes podem influenciar as células adjacentes ao 
induzirem um efeito parácrino. Contudo, a avaliação in vivo do papel de FoxM1 no envelhecimento, 
usando animais modelo vertebrados, não foi ainda devidamente explorada.  
Neste projeto aplicou-se o sistema CRISPR-Cas9 para criar mutações no gene foxm1 do peixe-
zebra (Danio rerio). Este modelo animal apresenta um padrão de envelhecimento gradual, semelhante 
ao que acontece em humanos. O peixe-zebra tem também o seu genoma totalmente sequenciado e 
possui pelo menos um ortólogo para a grande maioria de genes codificantes humanos. Também o seu 
desenvolvimento externo, transparência embrionária, custo, facilidade de manipulação e apresentação 
dos marcadores e fenótipos de senescência humanos tornam este modelo relevante no estudo de 
envelhecimento. Este vertebrado é facilmente manipulado geneticamente, permitindo a geração de 
diferentes mutantes através de técnicas de biologia molecular. O sistema CRISPR-Cas9 permite uma 
manipulação genética especifica através da criação de um complexo Cas9-sgRNA que se une a uma 
sequência especifica de interesse do DNA genómico e induz um corte da dupla cadeia de DNA. Os 
mecanismos celulares de reparação genómica são iniciados através da junção de extremidades não 
homólogas (NHEJ). Este processo é propenso a erros com inserção ou remoção de nucleotídeos 
resultando em mutações passíveis da inativação da proteína e silenciamento do gene. Neste projeto, as 
regiões-alvo de CRISPR-Cas9 correspondem ao segundo e oitavo exões do foxm1, sendo que apenas 
para o último foi possível obter mutações. O oitavo exão do foxm1 do peixe-zebra, corresponde à 
região inicial do domínio funcional da proteína. Na região equivalente do gene ortólogo em células 
humanas, foi demonstrado anteriormente que mutações neste local origina uma proteína com uma 
função dominante negativa. Inicialmente testou-se a funcionalidade do sistema CRISPR-Cas9 através 
de um sgRNA tendo como alvo E-GFP de uma linha estável com fluorescência no sistema nervoso 
VII 
 
central. Após verificação da operacionalidade da tecnologia testaram-se nove sgRNAs, seis para o 
segundo e três para o oitavo exão do foxm1. Para tal, extraiu-se DNA de embriões co-injetados com 
sgRNA e Cas9, amplificando-se o locus alvo por reação em cadeia da polimerase (PCR), correndo o 
produto amplificado num gel de policrilamida, tendo-se verificado a presença de homo e 
heteroduplexes. Heteroduplexes correspondem a cadeias que são apenas parcialmente complementares 
pela existência de mutações. 
Para o oitavo exão encontrou-se um sgRNA capaz de provocar mutações através de CRISPR-
Cas9. Cresceram-se animais co-injetados com este sgRNA (sgRNA 8.3).  No entanto, todas as 
mutações obtidas na progenia correspondem a pequenas deleções in-frame, sugerindo que a perda de 
foxm1 pode ser letal. Apesar disso, verificou-se a presença de uma mutação na lisina K315 em dois 
dos peixes injetados cuja descendência foi genotipada. Esta lisina é homologa à lisina K368 humana, a 
qual foi previamente identificada como um local de sumolação com impacto na atividade 
transcricional de FoxM1. 
Durante o envelhecimento ocorrem mecanismos celulares no músculo que opõe os processos 
de regeneração e reparação, verificando-se uma perda de massa muscular. Em mamíferos a miogénese 
está dependente de percursores musculares com expressão de Pax3 e Pax7. Em peixe-zebra pax7a 
contribui para o crescimento muscular ao longo da vida. Vários autores demonstraram o papel de Pax7 
em reparação e regeneração muscular. Outros revelaram ainda a existência de uma de-diferenciação de 
células maturas sem recrutamento de progenitores em musculo de peixe-zebra. 
Assim, e numa abordagem complementar verificou-se a presença de expressão de foxm1 em 
células musculares diferenciadas de peixe-zebra. Para esta abordagem recorreu-se à criação de vetores 
específicos com o sistema CRISPR-Cas9 inativo (ausência de sgRNA) de modo a marcar as células do 
musculares com fluorescência (E-GFP), procedendo-se depois ao seu isolamento. 
Posteriormente, criou-se um vetor CRISPR-Cas9 ativo (com sgRNA) em células musculares 
diferenciadas marcadas por fluorescência (E-GFP) e, um vetor com fluorescência (mCherry) para 
marcação do mesmo tipo de células inalteradas (wild type). Ao inibir-se foxm1 em células musculares 
diferenciadas, observou-se que o seu número tende a diminuir lentamente ao longo do tempo. 
Adicionalmente, em embriões mosaicos com células mutadas, o número de células musculares 
inalteradas (wild type) tende a aumentar comparativamente com o controlo.  
Em defeitos musculares derivados do envelhecimento, a resposta regenerativa pode estar 
alterada devido a inflamação crónica, pois as células senescentes secretam moléculas, como 
interleucinas, que alteram o microambiente. A via de sinalização JAK-STAT tem um papel essencial 
na regeneração muscular, respondendo a IL-6 extracelular, proveniente de SASP e/ou processos 
inflamatórios, de reparação e regeneração. Neste contexto, embora as diferenças não sejam 
estatisticamente significativas, genes envolvidos em reparação e regeneração muscular tendem para o 
aumento em resposta a mutação de foxm1. Estes resultados sugerem que as células mutantes para 
foxm1 têm um papel não autónomo na homeostase do tecido muscular, compatível com a identidade 
das células senescentes. 
Por último, ao longo das experiências, descobriu-se que a expressão contínua de Cas9 em 
células transgénicas induz toxicidade. Este resultado mostra que as técnicas atuais de perda de função 
baseadas em vetores de expressão CRISPR-Cas9 devem ser melhoradas no futuro. 
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Chapter 1. Introduction 
 
1.1 Cell cycle and cell cycle regulatory genes 
The cell cycle is an essential process to all eukaryotic organisms
[1]
 and the control of cellular 
division affects many developmental aspects
[2]
. The regulation of this process is key to maintain 
homeostasis
[3]
 and a balance between cell death and proliferation. When cell cycle control is disrupted, 




 Cell cycle consists of two stages, interphase and mitosis. Interphase comprehends G1, S and 
G2 (Figure 1.1), growth and replication phases, which are required for the process of DNA duplication 
and cell division. The mitosis includes the mitotic cell division that generates two daughter cells
[4], 
[6],[7]
. The progression through each phase of the cell cycle involves a complex interplay between 
cyclins, cyclin-dependent kinases (CDK) and other cell cycle regulators
[3]
. Cell cycle regulators play a 
crucial role in developmental, growth, repair and homeostatic processes
[8], [9]
. Hence, the 
characterization of transcriptional networks involved in cell cycle progression may contribute to the 
treatment of some diseases
[8]
. 
Several cell cycle genes have been described as essential for development due to their 
functions and relevance in cell division. A few examples of important regulators will be 
briefly described. 
Cyclin B1 is a regulator of the cell cycle, essential for development
[10]
. This gene encodes a 
protein that forms a complex with CDC2 which bind to microtubules in interphase and move to the 
nucleus during G2, to mitosis transition. In the nucleus it allows phosphorylation of nuclear substrates 
for mitosis
[11]
. In mice embryos lacking this cyclin, cells arrest at G2 phase, when maternal 
contribution depletes
[10]
. In 1998, Brandeis and colleagues generated transgenic mice lacking Cyclin 
B1, leading to embryonic lethality
[12]
.   
Polo-kinase 1 (plk1) is another cell cycle gene, critical for mitosis during embryonic 
development
[8], [13]
. plk1 encodes a serine/threonine kinase that regulates cell cycle events such as 
centrosome maturation, DNA checkpoint activation, mitotic entry, spindle assembly, and cytokinesis 
by identifying and binding to optimal recognition protein motifs
[14], [15]
. In 2010, Jeong and coworkers 
showed that plk1 was necessary for mitotic progression and proliferation during zebrafish 
embryogenesis. When depleted, there is altered chromosome condensation, impaired chromosome arm 
separation, irregular spindle organization, and multi or monopolar centrosomes. In this study, cells 
from embryos lacking plk1 presented a mitotic delay leading to embryonic growth defects
[13]
. 
 Centromere-associated protein F (CENP-F) is implicated in the recruitment of spindle 
assembly checkpoint proteins BubR1 and Mad1 to the chromosomes during mitosis
[16]
. In 2005, 
Laoukili and colleagues depleted CENP-F from human osteosarcoma cells (U2OS cells), resulting in 
chromosome alignment defects. The same study reported that embryonic fibroblasts from  
Forkhead box M1 (FoxM1) deficient mouse revealed atypical chromosome segregation and polyploid 
cells accumulation. Those fibroblasts continued mitosis and had a defect on mitotic spindle assembly 
checkpoint (SAC), along low levels of CENP-F. By depleting CENP-F alone they reached the same 
result as in FoxM1 deficient cells
[17]
.  
Through Chromatin Immunoprecipitation assays (ChIP), it has been shown that FoxM1 
overlaps with the Cyclin B1 promoter, which supports FoxM1 role as a transcriptional regulator of this 
gene
[16], [17]
. In 2013, Grant and coworkers used HeLa and U2OS cells to show that FoxM1 is required 
for the activation of several genes implicated during the cell cycle
[18]
. FoxM1 is was also shown to be 
essential for Aurora kinase B, Plk1 and CENP-F expression and it activates transcription of Cdc25B 
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required for the Cdk1-Cyclin B complex during G2-M transition of the cell cycle
[16], [17], [19]–[22]
. As 
















FoxM1 is considered as a master regulator of the cell cycle in vertebrates
[21], [23], [24]
. It encodes 
a transcription factor that regulates the expression of genes controlling G1 to S-phase transition, S-
phase progression, G2 to M transition, and mitosis progression
[21], [23], [25]–[28]
. FoxM1 also enhances the 
activity of cell cycle kinases (CDKs) and represses cyclin-dependent kinases inhibitors (CKIs)
[27], [28]
. 
It has been shown that FoxM1 depletion lead to a decrease in S-phase cell number
[29]
 and entry into S-
phase
[24]
 while its overexpression resulted in an increased number of cells in the S-phase
[30]
. FoxM1 is 
also a relevant gene for mitosis execution. Its loss leads to major defects such as aneuploidy and 
polyploidy, mitosis delay, mitotic spindle abnormalities, cytokinesis defects, chromosome mis-
segregation, faulty SAC and cell death
[8], [28], [31], [32]
. Thus, FOXM1 promotes correct cell cycle 
progression and proliferation
[16], [19], [31]
. Moreover, FoxM1 controls several genes implicated in cell 
metabolism, extracellular matrix remodeling, transcriptional regulation and cell signaling, which 
translates the variety of functions of FoxM1 cell cycle regulation
[31]
.  
FoxM1 exhibits a proliferation-specific expression pattern since it is expressed at high levels 
in proliferative cells
[19], [31], [33]–[36]
. FoxM1 depleted mouse fibroblasts and U2OS cells displayed 
reduced DNA replication and were blocked during mitosis, failing to proliferate in culture
[28]
. This 
proliferation-associated transcription factor functions in several processes such as embryonic 
development, contact inhibition, cellular senescence, maintenance of the proliferative capacity of cells 
and adult tissue repair after injury
[27], [37]
. FoxM1 was also described to have a role in DNA damage 
repair and cell renewal, differentiation, migration and survival
[33], [35], [37], [38]
.  
The proliferative function of FoxM1 also contributes for cancer initiation and progression
[19], 
[21], [37]–[40]
. Several studies have reported a FoxM1 upregulation in numerous cancers and 
transactivation of multiple oncogenes
[19], [30], [37], [41]–[43]
. In 2016 Smirnov and collaborators 
Figure 1.1 FoxM1 regulation of cell cycle genes in a schematic view. On the right there is an image of the cell cycle divided 
into its phases. On the side, regulating this cycle there is a network of genes and proteins responsible for the regulation of this 
process which are all controlled by FoxM1 (source: Costa 2005) 
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hypothesized that the oncogenic function of FoxM1 in tumors could be explained by this gene anti-
oxidant activity, as a tool to escape premature senescence and apoptosis
[44]
. 
FoxM1 is a member of the Forkhead box family of transcription factors
[35], [36], [40], [45]
. This 
family has a highly evolutionary conserved DNA binding Forkhead box domain responsible for 
chromatin remodeling and protein targeting to genomic promoter regions
[35], [36], [40]
.  FoxM1 can be 
divided in three major domains: 1) A N-terminal auto-repressor domain (NRD), 2) a DNA binding 
domain (DBD) and 3) a C-terminal transactive domain (TAD)
[36], [37]
 (Figure 1.2). The DNA binding 
domain is responsible for recognizing and binding to specific FoxM1 binding sites in the DNA. In the 
FoxM1 inactive state, the N-terminal auto-repressor domain binds to the transactive domain inhibiting 
FOXM1 ability to induce transcription. However, some CDK proteins can phosphorylate FOXM1 
TAD domain releasing it from the influence of the repressor domain, generating an active form of the 
protein. This active form modulates transcription of the target genes
[22], [31], [43], [46]
. 
 
Several studies have shown that FoxM1 depletion in mice is lethal, resulting in major defects 
in vital organs such as heart, lung and liver 
[25], [26], [32], [47], [48]
. In 1998, Korver and colleagues created 
the first FoxM1 knockout mouse by inactivating the trident locus of the gene. They revealed a 
consistent polyploid phenotype in both heart and liver cells demonstrating the role of this locus during 
the cell cycle
[31], [49]
. In 2000, Ly and coworkers also associate FoxM1 downregulation, as well as its 
target genes involved in the cell cycle regulation, with the increase in the proportion of polyploid 
cells
[50]
. Studies using FoxM1 deficient cells also revealed polyploidy phenotype, reinforcing the 
relevance of this gene in DNA replication and maintenance of genomic stability[17], [25], [28], [40].  
Some studies were developed to understand FoxM1 role during development in mice by 
generating FoxM1 null mutant mice. In these studies, embryos lacking FoxM1 died in utero
[25], [32], [51]
. 
The hearts of the embryos shown a reduced size, fewer and disorganized cardiomyocytes, which had 
large polyploid nuclei, thin myocardium, ventricular dilatation and hypoplasia
[26], [32], [49]
. This data lead 
Bolte et al.  2011 to conclude that FoxM1 shows a cell-autonomous function during cardiac 
development
[26]
. FoxM1 depleted embryos also revealed multiple hepatic alterations
[25]
. Kim et al. 
2005 also described pulmonary lesions
[51]
 and, in 2009, Ustiyan and colleagues proved that conditional 
deletion of FoxM1 in mice smooth muscle cells induced mortality in most of the embryos. Mutated 
pups had severe pulmonary hemorrhage and defects revealing the importance of FoxM1 in this animal 
model for embryonic development of smooth muscle structures
[48]
. In 2012, Ustiyan and collaborators 
also demonstrated, using a mice model, that FoxM1 is essential for proliferation and differentiation in 
airway formation, through a conditional deletion of FoxM1 in Clara cells
[47]
. In mice lacking FoxM1 
along pancreatic development, β-cell proliferation suffered a significant reduction, the animal’s β-cell 
size and mass displayed a gradual decrease with age and presented impaired glucose intolerance, 
diabetes and premature senescence
[52]
. Accordingly, alterations in Fox genes such as FoxM1 can 
induce human genetic diseases including cancer and play an important role in aging
[17], [45]
. 
Figure 1.2 Schematic view of FoxM1 domains in Inactive (left) and Active (right) forms of the protein with respective 
domains: N-repressor domain (NRD), DNA binding domain (DBD) and Transactive domain (TAD) 
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1.2 Senescence and aging 
Aging is a natural and gradual process characterized by the accumulation of molecular and 
cellular impairment resulting in the loss of fitness with a cost in homeostasis, functionality and 
reproductive activity
[53]–[57]
. This natural course of events can be a risk factor to many diseases
[55]–[58]
. 
The understanding of the molecular origin of aging, and how this process could be eventually 
reverted or delayed, is a major challenge in biomedical science. López-Otín et al.  2013 defined 
cellular senescence as a hallmark of aging, since the number of senescent cells increases with age
[56]
. 
The contribution of senescent cells to aging can be perceived by their accumulation and contribution 
to compromise the homeostasis of a tissue; the decline in the regenerative capacity in damaged and 
atrophic tissues; and the secretion of senescence-associated secretory phenotype (SASP), composed by 
cytokines and chemokines, matrix-remodeling proteases, and growth factors that propagate the 
deterioration of the tissue
[54]
.  
 In 1961, Hayflick and Moorhead first demonstrated that primary human diploid fibroblasts 




In 2011, Baker and coworkers, selectively depleted p16 positive senescent cells from a mutant 
BubR1 progeroid mouse and they reported to delay age-related diseases in tissues such as adipocytes, 
skeletal muscle and eye
[61]
.  
Cellular senescence includes growth arrest in response to several stress factors
[59]
. This process 
can be associated with telomere shortening, DNA damage, reactive oxygen species (ROS), exposure to 
toxins and other mitogenic and metabolic stressors
[54], [58], [59], [62]
. Overall, cell senescence can be 
defined as a cell cycle arrest including specific and characteristic phenotype and physiology, 
functional decay, and secretion of a complex proinflammatory secretome, SASP
[53], [58], [63], [64]
. 
However, studying senescence in vivo remains a challenge, since there is a lack of strong and 
consistent markers for this process
[58]
. Van Deursen stated that there is still a lack of information 
regarding the variance in SASP composition, spatial and temporal patterns of normal and aged tissues, 




When there is accumulation of damage in the tissues, the number of senescent cells and SASP 
also increases
[58]
. Senescence is achieved by the activation of several networks including 
p16/retinoblastoma protein (Rb) and p53/p21
[54], [58]
. These elements of tumor suppressor pathways can 
then be considered biomarkers of senescence
[54]
.  
In response to cellular stress there is induction of apoptosis, a transient cell cycle arrest or 
senescence
[59]
. In the case of apoptosis, Cooper 2012 reviews the alterations in caspase activity in 
models of aging, including an increase in Caspase-3 activity. This caspase activity was shown to be 
increased in the hippocampus of aged rats
[66]
. Baar et al.  2017 also used Caspase-3 cleavage as a 
marker for apoptosis in senescent cells
[67]
. 
However, cells can also senesce in response to stress. Following DNA damage, which is one 
significant stress signal, there is accumulation of H2Ax, a histone variant phosphorylated in serine 139 
by phosphoinositide in the presence of DNA double stranded breaks
[68]
, and p53 binding protein to 
recruit DNA repair proteins to the damaged site
[37], [58]
 and an activation of p53. p53 induces 
persistently p21 that blocks Cdk4/6 leading to hypophosphorilation of Rb and cell cycle arrest
[53], [59], 
[69]




Senescent cells are thought to be linked to abnormal intercellular communication due to their 
inflammatory response
[54], [58]
. In aging, SASP is responsible for persistent chronic inflammation 
(called inflammaging) and age-related phenotypes. These secretome elements depend on the cell type 
affected and senescence inducer
[58]





, Il-7 and IL-8. Therefore, while senescent cells can influence adjacent cells by direct 
communication, SASP allow them to have an autocrine and paracrine effect
[53], [58], [63]
.  
The elimination of senescent cells in several tissues lead to reduced levels of IL-6 and IL-1β 
(markers of chronic inflammation)
[67], [70]
. Pro-inflammatory factors such as IL-1α, IL-6, tumor 
necrosis factor (TNF), and nuclear transcription factor kappa B (NF-κB) were found to increase in 
tissues through aging
[58]




In 2012, Jurk and colleagues described the presence of senescence biomarkers such as H2Ax, 
activated p38MAPK, IL-6 secretion and Senescence Associated-β-Gal activity in Purkinje cells and 




1.2.1 FoxM1 and aging 
FoxM1 has been described as downregulated in human fibroblasts from elderly and 
Hutchinson–Gilford progeria patients
[50]
. FoxM1 downregulation in hepatic tissue contributes to the 
development of early-aging phenotypes in adult mice. Those phenotypes can be rescued by 
overexpressing FoxM1
[75]
. After partial hepatectomy in old mice, hepatocyte proliferation for liver 
regeneration is low. However, when FoxM1 levels are increased, liver regeneration is restored
[76], [77]
. 
Similarly, Kalinichenko and collaborators also concluded that boosting FoxM1 levels has a major 
impact in the increment of cell proliferation in aging and lung diseases
[78]
. In 2008, Stress-induced 
senescence was also avoided in mouse fibroblasts through overexpression of FoxM1
[79]
. 
BubR1 is a spindle assembly checkpoint protein encoded by Bub1b, a downstream target of 
FoxM1, and an essential gene for mitosis
[80], [81]
. Total loss of BubR1 causes embryonic lethality in 
mice. Hypomorphic animals in both alleles develop cachexia, lordokyphosis, bilateral cataracts, 
muscle atrophy, shorten life-span among other aging-related phenotypes. Mice with this genetic 
background also exhibit an early accumulation of senescence markers as p16, p21, p53, SA-β-gal, 
chromosome instability and aneuploidy
[80]
. This study suggests that BubR1 has a role in aging and, 
therefore, FoxM1 as an upstream effector may have a part in this process. 
In senescent keratinocytes, the expression of FoxM1 is decreased, in vitro and in vivo. When 
FoxM1 is depleted, it induces cellular senescence in proliferating epithelial cells. Skin biopsies from 




Recently, Macedo et al. 2018 have linked FoxM1 decrease with aging progression in human 
and mouse mitotic cell samples. In this study, the authors depleted FoxM1 in young human fibroblasts 
and found that cells recapitulate aging-associated mitotic defects, aneuploidy, SASP and senescence-
associated gene expression levels. Interestingly, when Macedo and colleagues restored FoxM1 levels 
in old cells, they were able to rescue the cellular aging phenotypes previously encountered, improving 
cell autonomous and non-autonomous effects between mitotic fidelity and senescence. This work 
proved that FoxM1 is essential for modulation of mitosis and senescence pro-inflammatory 





1.3 Zebrafish model to study cellular senescence 
Zebrafish (Danio rerio) experience senescence and display a similar gradual aging pattern as 
humans, making it a promising model, not only to study aging pathways, but to parallel it to human.  
This vertebrate has a slightly larger life span than other models such as rodents
[83]–[85]
, is inexpensive 
and easy to maintain for high throughput mutational analysis
[83], [85]–[87]
. Zebrafish has high fecundity 
and produces transparent eggs that grant accessibility to organogenesis and phenotypic changes 
through time
[83], [86], [88]–[90]
. Embryonic development occurs rapid and externally and genetic 
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manipulation is easily achieved
[86], [87], [91]
. Moreover, the zebrafish genome is fully sequenced and this 
species have at least one orthologue for 71% of human protein-coding genes
[85], [87], [92]
.  
This model allows the generation of mutant genetic backgrounds using numerous molecular 
genetic techniques
[86], [88]
. Zebrafish exhibits the same senescence associated markers and phenotypes 
as humans
[83], [85]
, such as: DNA damage visualized through the presence of phosphorylated H2Ax at 
serine 139, increased p21 expression levels
[93]





, and telomere shortening
[93], [95]
. These senescence markers were found in diverse tissues, including 
muscle, in both species. In addition, skeletal muscle degeneration and other muscle abnormalities
[90], 
[93], [94]
, spinal curvature, age-dependent decline in reproductive and regenerative capacity
[86], [87], [94]
 




1.4 Skeletal Muscle 
Skeletal muscle is a major anatomical component in the human body. The proportion of this 
tissue is even higher in zebrafish, where skeletal muscle can take up to 80% of the body mass
[96]
. This 
tissue is responsible for locomotion and metabolic homeostasis
[96]
, therefore, a disturbance on this 
tissue’s functions has a significant impact on the organism fitness. 
During aging there is loss of muscle mass over time resulting in sarcopenia, normally 
associated with decreased mobility and augmented morbidity
[85], [93], [97], [98]
. This decrease in muscle 
mass is considered a hallmark of aging
[99]–[101]
. Due to the effect of aging processes the skeletal muscle 
has been used to study cellular senescence, aging and age-related diseases. Mechanisms involved in 
modified gene expression, proteostasis, metabolism and stem cell exhaustion occurring in natural 




1.4.1 Muscle regeneration and repair 
 In mammals, skeletal muscle myogenesis depends on muscle progenitor cells expressing Pax3 
and Pax7 responsible for myogenic specification
[102]
. After embryonic development, progenitor cells 
become quiescent and adopt a characteristic anatomical position between the sarcolemma and 
basement membrane of myofibers – therefore their designation by satellite cells (SC)
[103]
. These cells 
can be easily identified by expression of markers such as Pax7, hepatocyte growth factor (Hfg), cmet 
and myogenic factor 5 (Myf5) (reviewed in [104]). SC become activated and undergo asymmetric 
division in response to stress through activation of several muscle regulatory factors (e.g. Myf5, MyoD, 
myogenin and MRF4), cytokines (e.g. IL-6) and their downstream effectors
[97], [102]
. New myoblasts 
proliferate, migrate, undergo differentiation and ultimately fuse to myofibers repairing the tissue and 
assuring tissue homeostasis (reviewed in [102], [103]). In several studies, depletion of Pax7 in SC 
resulted in loss of regenerative capacities after injury and transplantation
[105]–[107]
.  
Gurevich et al. 2016 identified zebrafish SC population and visualized regeneration in vivo
[108]
. 




Some groups explored and visualized pax7 positive cells in adult zebrafish skeletal muscle and 
isolated myofibers from adult fishes
[109], [111], [112]
. Zebrafish has two pax7 paralogue genes, pax7a and 
pax7b
[113], [114]
 expressed in the ECL and quiescent muscle stem cells and progenitors (reviewed in 
[104]). cmet and pax7a are expressed in deep myotomal cells and the latter can be used to investigate 
cell dynamics in the regenerative environment
[108]
. Regarding Pax7a and Pax7b, Pipalia and 
colleagues 2016 revealed that Pax7a positive cells initiate myofiber formation and Pax7b positive 
cells contribute to fiber growth after injury
[115]
. Berberoglu and coworkers also demonstrate that Pax7 
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The extension of the stressful event may influence the cellular response. For instance, Pax7a 
positive cells were shown to respond to a large injury implying that a different population may be 
responsible for small damages
[117]
. Similarly, the developmental stage affects muscle regeneration
[104]
. 
The activity of SC becomes impaired with aging namely due to DNA damage repair defects and 
abnormal SC niche signaling, decreasing skeletal muscle regenerative capacity
[97], [118], [119]
. Knappe 
and collaborators 2015, used a zebrafish transgenic line expressing E-GFP under the control of Pax7a 
promoter and verified that cell regeneration is slower in older individuals
[117]
. 
Gurevich et al. 2016 used another zebrafish transgenic line with differentiated muscle fibers 
marked with mCherry (red fluorescence protein) and myf5 positive cells labelled with E-GFP. This 
study’s results validate that the stem cell niche environment impacts their function. After injury, 
healthy fibers guide progenitors to the injury site, where they differentiate into myofibers. The 
importance of uninjured myofibers is of most relevance since they seem to direct regenerative 
processes in injured skeletal muscle
[108]
.  
 Regeneration is a broad mechanism, dependent of multiple factors and involves numerous 
components, thus muscle formation can include SC independent mechanisms
[120], [121]
. In particular, 
previous regeneration studies in different tissues revealed the existence of a “de-differentiation 
process” from mature cells without progenitor cell recruitment
[120]–[124]
.  Kahana group observed this 
process in adult zebrafish extraocular skeletal muscle, which is of relevance since it indicates that 




1.4.1.1 Signaling pathways in muscle regeneration and repair 
In aging-related muscular defects the regenerative response may be impaired due to chronic 
inflammation. In aging, senescent myofibers secrete several molecules, altering the tissues’ 
environment and affecting SC functions
[97], [100], [125]
. One of the most important pro-inflammatory 
cytokines involved in senescence is IL-6, released in the SASP. This interleukin plays a role during 
initial muscle repair and regeneration
[100], [102], [126], [127]
. IL-6 has been associated to muscle atrophy
[73], 
[128]
, even though it also regulates satellite cell-mediated hypertrophy
[72]
.  
In 2014, studies from Sacco’s and Rudnicki’s teams have complementarily shown that Janus 
kinase/signal transducers and activators of transcription (JAK-STAT) signaling has an essential role 
during muscle regeneration
[100], [126]
. This pathway responds to extracellular IL-6 through membrane 
receptors
[97], [103], [119]
. JAKs then phosphorylate STAT proteins that move to the nucleus and activate 
transcription of target genes
[129]












Figure 1.3 IL-6 activation of JAK-STAT pathway. This interleukin binds to the membrane 
receptor activating JAK which increases STAT3 signaling and activates transcription of target 
genes. Vicinity cells also respond to this pathway activation.  (source: Doles and Olwin 2015) 
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This pathway is involved in the transduction of extracellular signals in proliferation, 
migration, survival, apoptosis and even oncogenesis
[130]
. JAK-STAT is responsible for skeletal muscle 
differentiation, thus its activation by interleukins affects MyoD and stimulates myoblast proliferation 
and differentiation
[126], [131]




Price and colleagues isolated SC from juvenile, young and old mice and reported increased 
JAK-STAT signaling transduction with age in muscle. During aging, JAK-STAT activation and 
expression of its target genes seems to be increased in myogenic Pax7 positive cells. In this aging 




Tierney and collaborators also propose that IL-6, as an aging-associated stress molecule, 
contributes for JAK-STAT pathway reducing muscle regenerative function. The authors depleted 
STAT3 in SC and demonstrated that this pathway regulates MyoD expression and, concordantly to the 
previous study, JAK-STAT inhibition lead to an improvement in muscle regeneration, inhibiting 
differentiation and enhancing Pax7 positive cells self-renewal
[126]
. 
The studies from both Sacco’s and Rudnicki’s groups shown a beneficial effect for 
proliferation in the deletion of STAT3. However, they used transient STAT3 inhibition through 
chemical inhibitors or siRNAs which may impact STAT3 activity in other cell types, as inflammatory 
macrophages in the stem cell niche
[133]
. 
In 2010, Zhang and coworkers demonstrated that STAT3 is essential for granulocyte 
production in granulopoiesis. STAT3 also enhances hemopoietic stem cell expansion under 
regenerative conditions
[134]
. Furthermore, IL-6 mediated activation of STAT3 signaling promotes 
airway epithelium regeneration after damage
[135]
, suggesting that under stressful conditions, STAT3 is 
an important mediator of cell regeneration. Additionally, other signaling pathways, as mitogen-
activated protein kinase (MAPK)-p38, seem to change during aging in SC and impair regeneration
[136], 
[137]
. In 2011, Parise group also demonstrated an increase in activation of STAT3 pathway after muscle 
damage in human SC. This increment was also observed in the expression of downstream target genes 
driving specific-cell proliferation and muscle repair after damage
[138]
. These studies may suggest the 
existence of a non-autonomous effect after a stressful event such as injury or even aging processes, 
leading to regeneration and repair of the tissues. 
More recently, Zhu et al. 2016 ablated STAT3 in Pax7 positive cells and observed an 
impairment in muscle stem cell renewal after damage. Muscular stem cells shown early differentiation 
rather than proliferation upon STAT3 depletion which may be a result of downregulating this 
pathway’s target genes such as Pax7. This team deleted STAT3 through a Pax7 Cre-mediated manner 
resulting in the depletion of STAT3 in muscle stem cells and myofibers. Hence, it does not rule out a 
possible role of STAT3 signaling in myofibers during muscle regeneration since they integrate the 





1.5 Genome editing tools 
Currently, the generation of new models of disease and methods for gene function assessment, 
important in biological and biomedical research, depends on genome editing tools
[139]–[141]
.  The terms 
“genome editing” refers to the nucleotide manipulation of the genome using nucleases
[139], [142]
. 
Engineered zinc finger nucleases (ZFNs), transcription activator-like effector nucleases (TALENs) 
and clustered regularly-interspaced short palindromic repeat (CRISPR)-Cas9, enable the generation of 





These genome editing techniques rely on the induction of DNA double stranded breaks (DSB) 
at specific sites (Figure 1.4). Since DSB are toxic
[145]
, cells rapidly respond through the non-
homologous end joining (NHEJ) repair pathway. This is an error-prone process that leads to random 
insertions or deletions (indels) in the DSB locus, which can result in frameshift or non-sense mutations 
in coding genes, with the potential of silencing genes
[140], [142], [144]–[149]
. 
ZFNs were discovered in 1996 and firstly used in Drosophila
[150], [151]
 and mammalian cells
[152]
. 
These endonucleases were the first to be applied in zebrafish
[143]
, being first described in 2008 for 
targeted gene knockout
[149]
. ZFNs recognize DNA through a zinc finger mediated DNA binding 
domain and cleave the genome with a FokI domain with nuclease activity
[142]
. These endonucleases are 
designed in pairs, only allowing cleavage through FokI nuclease dimerization, when both pairs 
identify DNA strands adjacently
[143]
. 
TALEN was first discovered in plant pathogens
[143], [149]
 and first described in zebrafish in 
2012
[153]
. This endonuclease is formed by fusing the nuclease domain of FokI to a DNA binding 
domain with multiple identical repeats from the TALE protein. Each TALE repeat binds to a specific 
nucleotide through repeat variable di-residues (RVD) allowing DNA recognition
[140], [143]
. In a similar 
process to the ZFNs, FokI dimerization only occur when TALENs are paired
[143], [149]
. 
CRISPR associated with the Cas9 endonuclease is a genome editing tool used by bacterial 
immune systems as a defense mechanism against virus
[154]–[156]
. In this protection strategy, bacteria 
integrate foreign DNA (spacer) between 5’-NGG-3’ PAM (protospacer adjacent motif) sequences 
specific from infecting virus. Therefore, when the virus attacks the same bacteria, the latter will 
produce crRNA (complementary sequence to the spacer) and tracrRNA (transactivated CRISPR RNA) 
and create a complex with Cas9 protein, generating what is normally designated as Cas9 
holoendonuclease
[145], [155]
. This complex has a domain that binds to the genomic PAM, it recognizes 
the spacer and matches to the genomic virus DNA sequence. Lastly, the Cas9 makes a DSB in the 
genomic virus DNA sequence near the PAM and deactivates the aggressor DNA
[145]
. This natural 
mechanism has been used and optimized for genome editing in the last few years. There are several 
types of structurally and mechanically different CRISPR/Cas systems
[154]
. The type II system, using a 
Cas9 and a guide RNA (sgRNA) which results from the merge of crRNA and tracrRNA, is the most 
used for genome editing
[144], [154], [155], [157], [158]
. In this system, a previously designed sgRNA for a target 
region in the genome is co-injected with Cas9 mRNA or protein into the cell
[145], [147], [157], [158]
. In the 
cellular nucleus, the sgRNA anchored to the Cas9 protein allows the recognition of the target region in 
the genome (complementary to sgRNA) next to a PAM sequence. This complex unwinds the two 
strands of DNA and cleaves them
[145], [155]
. As referred before, this error-prone process leads to random 






























ZFN is an expensive technique, difficult to design
[141]
, it has a high failure rate generating 
assembly of both endonucleases
[143]
 and there is no guarantee that the protein will be mutagenic in vivo 
since specificity of each protein is variable
[145]
. TALEN genome editing is more reliable and efficient 
than ZFN, with less off-targets
[143]
. However, FokI has been reported to be sensible to DNA 
methylation
[145]
 and although design is easier than ZFNs, cloning is laborious
[141]
. Both genome editing 
techniques require a complex design of two new proteins for each target site
[143], [156]
 and are not fit for 
high throughput mutagenesis
[148]
. CRISPR/Cas9 emerged as an easy to design and implement system, 
only requiring the design of a 20 nucleotide sgRNA
[141], [144], [148], [156]
, simple, economical, scalable
[144], 
[148], [159]
 with comparable or greater efficiency and more effective on methylated DNA
[141], [156]
. This 
mutagenesis technique allows targeting multiple genes at once
[148]
 with higher transmission rates 
comparing with the abovementioned systems
[144], [156]
 and low potential off-target effects
[141], [144], [160]
. 
Although morpholino (MO) is still considered by some as the traditional toolset for 
complementary functional validation of gene function
[144], [149]
, in zebrafish its use is limited to 
processes at early developmental stages (0-120hours post fertilization [hpf]) 
[144], [161]
. Several studies 
have shown that even though morpholinos allow a rapid and effective study of gene function
[161]
, 
phenotypes often result from off-targets
[143], [148], [162]
 and ≈80% of gene knockouts did not mimic MO 
phenotypes for the same gene
[143], [144], [148], [162]
.  Rossi and colleagues in 2015 propose that, in a 
complete gene knockout, a genetic mechanism of compensation by other related genes may occur 
ablating the phenotypes observed in morphants for the same gene
[143], [144], [163]
. Thus, morphants cannot 
precisely recapitulate in vivo knockout phenotypes. 
 
Figure 1.4 Schematic view of genome editing techniques and DNA repair mechanisms. On 
the upper left there is a ZFN mechanism of DNA editing through FokI coupled to two zinc 
finger guides, one on each strand of genomic DNA. On the upper centre there is a Cas9 
protein coupled to a small sgRNA, recognizing and binding to the genomic target 
sequence. On the other hand, on the upper right there is FokI coupled to two TALE 
recognizing the region on DNA. All genome editing techniques allow DNA DSB, 
imprecisely repaired through Non-Homologous End Joining leading to indel formation.  If 
a DNA template is available, it can also be inserted in the broken DNA region by 
Homology Directed Repair.  (Adapted from Li et al. 2016) 
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1.5.1 CRISPR/Cas9 in zebrafish for gene knockout 
To generate a gene knockout in zebrafish in a cheap and high throughput manner, 
CRISPR/Cas9 technology and consequent NHEJ repair pathway is the easier and more effective 
technique. The CRISPR-Cas9 was originally adapted and used in zebrafish by Hwang and colleagues 
in 2013
[158]
. In this study, they targeted zebrafish fh gene by designing a sgRNA complementary to the 
gene’s sequence and microinjected this sgRNA with synthetized Cas9 mRNA in one-cell stage 
embryos. They observed indel formation at all concentrations tested in almost all embryos. The 
authors found high frequencies of indels in most of the targeted sites tested and a significant efficiency 
mutagenesis
[158]
.  Several tools were created for CRISPR/Cas9 implementation in zebrafish
[144], [145]
 
making this system a simpler, more efficient and inexpensive alternative for genome editing in this 
model organism.  
 
1.5.1.1 Tissue-specific gene targeting  
Ablain et al. 2015 generated the first tissue-specific (TS) somatic gene knockout (KO) in 
zebrafish. In their study, the zebrafish urod gene was disrupted under the control of several TS 
promoters driving Cas9 to simulate the predicted porphyria phenotype
[146]
. Ablain and colleagues, in 
2015, designed a system containing a zebrafish codon optimized Cas9 
[159]
 under the control of the 
promoter of a specific gene (cmlc2), an ubiquitously expressed sgRNA and an E-GFP expressed 
transgenesis marker. The Gateway recombination strategy (described in [164]) was used to generate 
the vector, and the Tol2 technology allowed the vector integration in the embryos’ genome in a 
transposase mediated way
[146], [165]
. This transgenesis system allied with the constructed vector is an 




Another method, by Yin et al. 2015, used two different Tol2 transposons, one with a TS 
expression of Cas9 and another with the sgRNA under the control of an ubiquitous promoter. In this 
strategy, only animals carrying both transposable elements were mutants for the target gene in the 
targeted tissue
[166]
. Although this last approach generates Tol2 elements phenotypically silent when 
isolated, allowing stock maintenance and flexibility for usage in other studies, it implies the generation 
of two different transposons, making it a laborious technique
[145]
. Yin et al. 2015 technique also 
requires mating two stable lines, expressing each of the transposons created, to generate TS 
mutants
[145], [166]
. In this project we will adapt the method carried out by Ablain and colleagues 2015 
(see Chapter 2, section 2.3), since it admits more immediate results than Yin et al. 2015. 
 
1.5.1.2 Mosaic loss-of-function assay  
 Zebrafish mosaic analysis is an efficient way to study gene function in zebrafish
[167]
. A mosaic 
is an organism containing cells with different genotypes
[167], [168]
. Creating mosaic embryos is 
especially important when the mutated target gene may lead to early embryonic lethality
[167]
. Thus, 
mutating only a few specific cells might allow wild type cells to partially rescue the loss of the target’s 
function. The mosaic analysis in zebrafish can help determine if a gene acts cell autonomously or cell 
non-autonomously and identify late functions for genes essential in early development. Mosaicism is 
also important to test cell commitment to its fate, characterize the properties of signaling molecules, 
identify maternal functions of essential genes and evaluate cell behaviors
[167], [169]
. In zebrafish, 
mosaics can be created through direct genetic manipulation in groups of cells or by transplantation of 
genetic modified cells into a host. In the first approach, simply by injecting a DNA construct 
containing gene targeting system under the control of a TS promoter in a one-cell staged embryo. This 
way, the gene targeting system is stochastically inherited after injection, generating targeted cells and 
non-targeted cell. To visualize the effect through time the altered cells may be labeled using 
fluorescence proteins.  The second technique, transplantation, results from transferring cells from a 
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donor embryo to a host producing a chimera
[167]
. A chimera is an organism containing cells derived 
from different individuals (donors) resulting in distinct cellular genotypes
[168]
. To create chimeras, 
labelled cells from a donor embryo are co-transplanted into a single host embryo
[167]
.   
 
1.6 Project goals 
FoxM1 is a well-studied gene, known as the master regulator of the cell cycle and implicated 
in several cellular processes and pathologies, including diabetes and cancer. However, the role of this 
gene in senescence and aging in vivo has not been completely understood. Thus, the main objective of 
this project is to ascertain the role of zebrafish foxm1 in cellular senescence and aging in vivo. To 
accomplish that, we used zebrafish as an in vivo model organism and the CRISPR-Cas9 system to 
target foxm1 functional domains. CRISPR-Cas9 technology required designing and testing sgRNAs, 
which were injected into one-cell stage embryos raised and outcrossed to identify founders, i.e. 
animals carrying mutations. Resulting offspring were raised to generate stable mutant lines. Since 
zebrafish is a model organism that reaches sexual maturity three months after fertilization, obtaining 
homozygous mutants was not viable in this project time span. 
Because the loss of function of foxm1 may have a deleterious effect at early developmental 
stages, we aimed to further explore this gene function in a TS matter. To do so, we created a CRISPR-
Cas9 vector adapted from Ablain et al. 2015 targeting foxm1 in differentiated muscle cells. First, we 
wanted to understand if foxm1 was functionally active in differentiated muscle cells. Then, and 
considering that senescent cells normally produce non cell-autonomous signals, we performed mosaic 
loss-of-function assays aiming to understand wildtype and foxm1 mutant cells interactions.  
In order to understand zebrafish foxm1 role in senescence, several markers were also tested 
through immunohistochemistry and real time-quantitative polymerase chain reaction (RT-qPCR) in 







Chapter 2. Materials and Methods 
2.1 Zebrafish maintenance  
Wild-type Tugbingen (TU) zebrafish were used in the experiments, as well as a Tg(elavl:E-
GFP) transgenic strain created in the, as a positive mutagenesis control. All fishes were maintained in 
a recirculating system under controlled conditions in the zebrafish facility of Instituto de Investigação 
e Inovação em Saúde da Universidade do Porto (i3S), and fed with commercial Zebrafeed 400-600µm 
(Zebrafeed, Sparos). The conditions were approved by the i3S Animal Welfare and Ethics Review 
Body and Direção Geral de Alimentação e Veterinária (DGAV).  
 Fish were kept under a 14:10h light:dark cycle in controlled filtered water (27ºC, 700µS, pH 
7.0). For reproduction, a ratio of 3 females per 2 males was used. Fish were mated in the first hours of 
the light period. After spawning, embryos were incubated in embryonic medium (E3) (diluted 100x 
from stock solution; see appendix) with or without PTU supplementation (1-phenyl-2-thiourea) to 
delay pigmentation formation (diluted 100x from stock solution; see appendix)
[170]
[171]. Embryonic 
staging was performed accordingly to Kimmel et al. 1995
[172]
. At 24 hours post-fertilization (hpf) all 
animals were disinfected with 0.036% sodium hypochlorite (Sigma-Aldrich) diluted in tap water, to be 
placed in the facility’s nursery system after the fifth day post-fertilization. Up until 5 days post-
fertilization (dpf), embryos were kept at 28ºC in petri dishes. 
Zebrafish euthanasia was performed by gradually overdosing the embryos older than 5dpf 
with tricaine solution (MS-222; 300mg/L)
[173], [174]




2.2. CRISPR/Cas9 system 
2.2.1 Design of sgRNAs 
Target sequences in the foxm1 gene (ENSDARG00000003200) were selected through the 
CRISPRscan software (crisprscan.org
[175]
).  The search was limited to the second 
(ENSDARE00000148522) and eighth (ENSDARE00000243528) exons of the zebrafish foxm1 gene. 
Target sites were ranked according to their predicted efficacy and follow the structure5’-GG-N18 
NGG-3’ 
[158]
.  From the obtained list of sgRNAs, six sequences were chosen to target the first coding 
exon of foxm1 and three to target the eighth exon of foxm1. sgRNAS were chosen by high scores and 
absence of off-targets.  The eighth exon encodes the initial part of the FoxM1 transactive domain 
(TAD). A mutation in the orthologue region of the human gene leads to loss of FoxM1 activity
[46]
.  
For each target site a TAGG- was added at the 5´ of the oligonucleotides, as well as an 
AAAC- in the initial part of the reverse complement sequence in a 5’-3’ orientation to form the 
required overhanging sequences (underlined) for cloning in the pDR274 vector (sequences ordered 
from Sigma-Aldrich) (Table 6.1 appendix). The sgRNAs used as a system positive control (sgRNAs 





2.2.2 Annealing and cloning into pDR274 
Partially complementary oligonucleotides, designed for the sgRNAs, were annealed by mixing 
at a final concentration of 10µM, diluted into annealing buffer (see appendix). The solution was heated 
at 95ºC for 5 min and cooled at room temperature (RT). Simultaneously, pDR274 vector (Addgene 
#42250) was linearized using 5U of BsaI (10U/µL Anza
TM
36 Eco31I, Thermo Fisher Scientific) in a 
20 µL solution overnight (ON) at 37ºC. BsaI digestion creates non-compatible overhanging ends 
preventing self-ligation of the plasmid and promoting a correct insertion of the annealed 
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oligonucleotides in the ligation step by matching the overhanging ends of the oligonucleotides. A Tris 
Acetate EDTA (TAE)-agarose gel (1% agarose; TAE diluted 50x from stock; see appendix) was run 
with both non-digested circular plasmid and digested sample to check linearization state. The gel was 
visualized using a UV-transillumination (TFX – 35 M, VILBER LOURMAT) Image Lab software 
(Image Lab
TM
 BioRad Version 6.0.0). The linearized vector was ligated with annealed 
oligonucleotides in a 1:10 proportion, in an ON incubation at 16ºC with 2.5weiss units of T4 ligase 
(5weiss U/µL Thermo Fisher Scientific) in a 10 µL solution.  
 
2.2.3 E. coli transformation and positive colonies 
The ligation product was used to transform chemically competent Escherichia coli (One 
Shot™ Mach1™, ThermoFisher). All the transformation procedures were performed under a sterile 
environment. The ligation product was added to bacteria in a 1:25 proportion and the mixture was 
incubated 30 minutes (min) on ice followed by a heat shock at 42ºC for 30 seconds(s) and incubated 2 
min on ice. LB medium was added and the suspension was incubated at 37ºC for 60 min at 220rpm. 
Then, the culture was centrifuged at 500xg for 5 min RT and bacterial pellet was plated in LB agar 
with kanamycin (50 µg/µL) and incubated ON at 37ºC. The colonies were picked into liquid LB 
medium with kanamycin (50µg/µL) and incubated ON at 37ºC and 220rpm. Plasmid DNA was 
extracted from cultures using NZYMiniprep (NZYTech) commercial kit, according to manufacture 
instructions. Final DNA samples were quantified using NanoDrop
TM
 1000 and sequenced by Sanger 
Sequencing using the M13fw primer (5’-TGTAAAACGACGGCCAGT-3’) to confirm 
oligonucleotide cloning in the plasmid backbone. 
 
2.2.4 In vitro transcription of sgRNA using T7 promoter  
After sequencing confirmation, the plasmid was linearized downstream the sgRNA. Briefly, 
plasmids were incubated ON at 37ºC with 6U of HindIII enzyme (20U/µL Anza™ 16 HindIII Thermo 
Fisher Scientific) and 3µg of DNA in a 20µL solution. Digested DNA was then purified using 
phenol:chloroform to exclude RNAses. In this purification procedure, to a 100µL DNA solution, 
phenol-chloroform (UltraPure
TM
 Phenol:Chloroform:Isoamyl Alcohol [25:24:1, v/v],Thermo Fisher 
Scientific) was added and mixed. The solution was centrifuged for 5 min RT and 13000rpm and the 
upper aqueous phase was transferred to a new tube where 100µL of chloroform (Thermo Fisher 
Scientific) was added, mixed and then centrifuged at RT and 13000rpm for 5 min. Per 100µL of 
aqueous phase collected, DNA was precipitated by adding 10µL of sodium acetate (NaAc 3M, pH 
5.2), two volumes of cold 100% ethanol (Merck Millipore). Solution was incubated for 2h at -80ºC or 
ON at -20ºC. The mix was centrifuged for 15 min at 13000rpm (4ºC) and supernatant discarded. Pellet 
was dried, resuspended in 15 µL of RNAse free water and quantified using NanoDropTM 1000. 
For in vitro transcription reaction of the sgRNAs, A T7 promoter present upstream of the 
sgRNA in the pDR274 was used. A reaction mix with a final volume of 50 µL was performed, mixing 
5µL of dithiothreitol (DTT 50mM, Thermo Fisher Scientific), 5µL NTP mix (10mM; Thermo Fisher 
Scientific) and water up to 30µL were mixed and incubated at 37ºC for 5min. Purified DNA was 
added to the mixture (1.5µg) with 100U of Ribonuclease inhibitor (40U/µL NZYTech) and 60U of T7 
RNA polymerase (20U/µL Thermo Fisher Scientific) which was incubated for 2 hours (h) at 37ºC. 
Afterwards, to avoid DNA presence, 2µL of DNAse I (50-375 U/µL Thermo Fisher Scientific) was 





2.2.5 In vitro transcription of Cas9 mRNA using SP6 promoter 
The plasmid used for the Cas9 mRNA synthesis was the pCS2-nCas9n (Addgene #47929), 
which contained a SP6 promoter upstream of Cas9. The plasmid was digested ON at 37ºC with 6U of 
NotI enzyme (20 U/µL Anza™ 1 NotI, Thermo Fisher Scientific) in a 20 µL solution. The resulting 
DNA was purified with phenol:chloroform as described in section 2.2.4. The in vitro transcription 
steps were similar to the described on section 2.2.4. However, since Cas9 mRNA will be translated 
into protein it needs 5 µL of 5’ CAP which is G(5')ppp(5')G RNA Cap Structure Analog (25mM; 
NewEngBio). For transcription 60 µL of SP6 RNA polymerase (20 U/µL Thermo Fisher Scientific) 
was used. 
 
2.2.6 RNA purification 
The transcribed RNAs were purified using a Sephadex column. Sephadex is a common matrix 
for gel filtration since it has a high binding capacity allowing the removal of unincorporated 
nucleotides during RNA synthesis with low molecular weight
[177]
. A 1mL syringe was sealed using 
autoclaved aquarium filter and filled with Sephadex suspension (66,6mg/mL, appendix). The syringe 
was centrifuged for 5 min at 4000rpm (4ºC) and refiled until the compact sephadex column reached 
the 0.6mL mark. Then a 0.5mL tube was inserted to the tip of the syringe, water was added to the top 
of the column and the water content in the tube was measured after centrifugation (5 min at 4000rpm 
at 4ºC). Once the recovery volume was similar to the introduced volume, a new 0.5mL tube was 
coupled to the tip of the syringe, in vitro synthesized RNA (sgRNAs or Cas9 mRNA) was transferred 
to the Sephadex column and the centrifugation was repeated (5 min at 4000rpm at 4ºC). RNAs 
collected were pipetted into a new tube and a new centrifugation was performed to the 0.5mL tube 
after adding an additional amount of water to aggregate the remaining purified RNA in the column in 
a similar process. After this, a phenol:chloroform purification was performed as described (section 
2.2.4). Reagents used were RNAse free. Samples were quantified using NanoDropTM 1000. A TAE 2% 
agarose gel was used to check for RNA degradation and presence of genomic DNA. 
 
2.2.7 Micro co-injection of sgRNA and Cas9 mRNA 
 A mixture containing 150ng/µL of sgRNA and 200ng/µL of Cas9 mRNA and 10% of phenol 
red was prepared. Microinjections were performed using a 0.58x1.00x100mm glass needle (GB100F-
10, SCIENCE PRODUCTS GmbH) prepared in a needle puller (PN-31, NARISHIGE). The tip of the 
needle was cut using a disinfected small high precision forceps under a binocular scope. The needle 
was attached to the microinjector (IM 300 Microinjector, NARISHIGE) and calibrated to inject 5nL in 
each pulse. One cell stage embryos were injected in the cell. Around 300 embryos per condition. GFP 
sgRNA+Cas9 mRNA co-injected embryos, were developed in PTU supplemented medium to allow 
visualization the E-GFP pattern. At 24hpf mortality rate was calculated in each batch of 50 embryos 
raised. Batches with more than 50% mortality in non-injected embryos had their samples excluded due 
to reproductive problems.  
 
2.2.8 Genomic DNA extraction 
At 24hpf embryos were dechorionated and transferred into tubes forming three groups of eight 
per condition. Embryos were washed with deionized water and dried as much as possible. The samples 
were incubated at 56ºC for 3h vortexing at 800rpm with genomic extraction buffer (appendix). DNA 
was precipitated by adding 100µL of 100% ethanol and incubating at -80ºC for 2h or ON a -20ºC. 
Afterwards, the mixtures were centrifuged for 10 min at 13000rpm (4ºC), the supernatant was 
removed and 70% ethanol was added. Samples were centrifuged for 2 min at 13000rpm, and the pellet 
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dried. DNA was resuspended in 20 µL of Tris EDTA+RNAse and incubated at 37ºC for 1h. Genomic 
DNA was stored at -20ºC. 
 
 
2.2.9 Primers design and PCR 
To detect the imprecise repair alterations in the genome resulted from the CRISPR/Cas9 
system, the target site was amplified by a Polymerase Chain Reaction (PCR). The primers (Table 6.2 
appendix) were designed using NCBI Primer Blast online tool (www.ncbi.nlm.nih.gov/tools/primer-
blast) restricting the regions with Ensembl sequences (www.ensembl.org). The parameter used 
included primer size between 22-24 bases, primer melting temperatures between 59 and 64ºC and at 
least one GC clamp. The melting temperatures and self-complementarity was checked using the Oligo 
Calc online tool (biotools.nubic.northwestern.edu/OligoCalc.html). The PCR reaction was performed 
in a total volume of 20µL using 2.5U of a proof-reading iMax-TM II DNA polymerase (5U/µL INtRON 
Biotechnology), 2 µL of dNTPs (10mM), 1X iMax-TM II PCR buffer and 3µL of template DNA, 
according to manufacturer’s instructions. A thermocycler (Veriti, Applied Biosystems) with the 
following conditions: initial denaturation at 94°C for 3 min, 30 cycles with denaturing at 94°C for 30s, 
annealing adjusted to the primers’ melting temperature for 45s, elongation at 72°C for 1 min and a 
final cycle of elongation step at 72°C for 7 min was used. The samples were kept at 8°C until stored at 
-20ºC.  
 
2.2.10 Polyacrylamide gel electrophoresis (PAGE) confirmation and sequencing 
validation 
Samples were submitted to an additional 
denaturation and re-annealing process, to allow 
formation of homo and heteroduplexes
[178]
. When 
double stranded DNA (dsDNA) molecules suffer 
denaturation followed by a gradual re-annealing, each 
strand of DNA assembles with some other random 
single-strand of DNA. If the annealed strands are 
entirely complementary, homoduplexes are formed. 
However, when the sequence of the strands is 
different, heteroduplexes are formed. Mismatches in 
the re-annealed DNA strands alters the DNA 
conformation and migration rate leading the formation 
of new visible bands in the gel. The newly shaped 
dsDNA migrates slower than matched DNA 
(homoduplex) since there is formation of an angle 
between matched and un-matched DNA, allowing its 
identification
[179]
 (Figure 2.1). Consequently, presence 
of crispant embryos is easily identified by the 
presence of heteroduplexes.  
An 8% PAGE was suitable for the desired fragment sizes according to several manufactures. 
Each PAGE gel was made of deionized water, Tris Borate EDTA (TBE) 100x diluted from stock 
(appendix), acrylamide/bis-acrylamid (29:1 NZYTech), 0.8 mg/mL ammonium persulphate (APS) 
10% (BioRad)and tetramethylethylenediamine (TEMED; BioRad) (BioRad). Gel was polymerized 
into two glass plates with a 1.5Mm spacer and a 10, 12 or 15 comb for 45 min at RT. When 
polymerized, the gel inside glass plates was inserted into the PAGE tank filled with TBE 1x and the 
Figure 2.1 Overview of the PAGE analysis 
regarding the formation of ho homo and 
heteroduplexes.  
(A) Darker bars represent DNA strands (a–d) have 
monoallelic mutations (orange) in the Mutant. After 
denaturation and re-annealing, homoduplexes and 
heteroduplexes will be formed from the Mutant 
DNA  
(B) Homo and heteroduplex DNA fragments in 
PAGE. (source: Zhu et al. 2014) 
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comb was taken to load DNA samples with loading dye. Electrophoresis run for 1h30 at 150V 
(BioRad power supply). The gel was carefully removed from the glass plates and stained with Syber 
safe (SYBR™ Safe, Thermo Fisher Scientific) in a rotating bath of TBE 1x at RT. The gel was 
washed and visualized in a UV-transillumination (TFX – 35 M, VILBER LOURMAT) with Image 
Lab software. Bands were carefully cut at the UV-transiluminator and smashed with a pipette tip and 
20 µL Tris-EDTA (pH8) and incubated for 2h at 800rpm. This mixture was amplified using primers 
for the CRISPR-Cas9 target site using the same PCR mixture and conditions previously described 
(section 2.2.9). The PCR product was sent for Sanger sequencing with the target site reverse primer. 
Confirmation of mutation in the heteroduplex samples was observed through overlapping sequences in 
the chromatogram downstream the PAM after sequence alignment with the MAFFT algorithm using 
Benchling online tool (benchling.com).  
 
2.2.11 Search for foxm1 crispant founders 
 When injected animals reached 3month age, search for founders was done by outcrossing 
fishes in a 1:1 females:male ratio. At 24hpf DNA from the embryos was extracted as described 
(section 2.2.8). The samples were amplified by PCR with the respective primers for that mutation 
(section 2.2.9). PCR product was run in a PAGE and DNA from the heteroduplex bands was extracted, 
amplified and sent for sequencing (section 2.2.10). Results were analysed using Benchling 
(benchling.com) (section 2.2.10) and TIDE (tide.deskgen.com) online tools. The amino acid content of 
zebrafish FoxM1 protein (available at uniprot.org/uniprot/F1QRF9) was aligned with the human 
FOXM1 protein (also online at uniprot.org/uniprot/Q08050) using NCBI COBALT alignment tool 




2.3 CRISPR/Cas9 mylfpa-specific knockdown and mosaic loss of function assay 
2.3.1 Design constructs 
 In order to perform mosaic loss of function assays, tissue-specific mutagenesis vectors were 
created. In 2015, Ablain and colleagues described a tissue-specific construct consisting in three 
different modules
[146]
. We have adapted it and built a system with a strong promoter of differentiated 
muscle cells
[169], [180]
, myosin light chain (mylfpa) (kindly given by David Langanau) driving the 
expression of Cas9 and E-GFP (Addgene #63155) and an ubiquitous promoter (U6) driving the tested 
sgRNA in a pDestTol2pA2-U6:gRNA backbone created by Leonoard Zon’s group (Addgene #63157). 
The same vector without sgRNA was used (mylfpa:Cas9GFP) as a control condition. An additional 
internal transgenesis control (mylfpa:mCherry), with mylfpa driving the expression of mCherry 















Figure 2.2 Schematic view of the three designed cloning vectors 
(A) Representation of the empty vector 
(B) Representation of the mutation vector 
(C) Representation of the control vector (mCherry) 
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2.3.2 Gateway Recombination 
To build constructs, three different entry vectors were recombined using the Gateway multisite 
recombination technique
[164]
. The Multisite Gateway
®
 system for Three-Fragment Vector is a simple 
method that allows simultaneous cloning of three DNA fragments in a specific order and orientation to 
create an expression clone. In the recombination process, the enzyme catalyses in vitro recombination 
between entry clones with correspondent attL and attR sites. In the same reaction, the full recombined 
entry clone flanked with attL sites will recombine with the destination vector flanked with the 
correspondent attR sites to generate the expression clone
[164]
. 
For the construction of the mutation vector, mylfpa promoter was previously inserted in the 5’ 
entry vector (prior to this project). The 5’ mylfpa, 3’ polyA (pA; Tol2kit #302) and middle (Cas9-
T2A-GFP) entry vectors were recombined to incorporate the destination vector according the 
manufacter’s instructions (Figure 2.3). Femtomole (fmol) amount of each vector was calculated in 
NEBioCalculator online software (nebiocalculator.neb.com) to obtain the recommended proportions 
of entry (10 fmol) and destination (20 fmol) vectors in a 10 µL of total volume of reaction. Vectors 
were mixed with 2µL of LR Clonase™ II Plus enzyme (Thermo Fisher Scientific) and incubated for a 
minimum of 16h at 25ºC using the thermocycler (Veriti, Applied Biosystems). The reaction was 
stopped through a 10 min incubation with addition of 1µL Proteinase K from the same kit. The 
construction of the mCherry vector followed the same protocol as the mutation vector, however the 











2.3.3 E. coli transformation and positive colonies 
Recombination products were transformed using commercial E. coli Mach-1 competent 
bacteria similarly to the description on section 2.2.3, using ampicillin plates (100µg/µL).  
 
2.3.4 Restriction confirmation, insertion of sgRNA and DNA purification 
The sequence of the recombination product was confirmed in a 10µL using the restriction 
enzymes BamHI (5units from 10U/µL stock, Thermo Fisher Scientific) and EcoRI (6units from 
20U/µL stock, Anza™ 11 EcoRI, Thermo Fisher Scientific) cutting multiple times each final vector. 
This allows visualization of diverse specific size bands in an agarose gel. The sgRNA previously 
tested was re-designed to have compatible ends with the backbone plasmid in which it would be 
inserted (Table 6.3 appendix). Compatible sequences were annealed for 5 min at 95oC using a mix of 
each oligonucleotide sequence (100 µM) and annealing buffer. The sgRNA sequence was inserted in 
the recombination vector. Part of the expression vector (5µL) was digested using 6U of BseRI enzyme 
Figure 2.3 Schematic view of the recombination technique for the Mut vector and final 
expression vector (adapted from Kwan et al. 2007) 
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(20U/µL, New England Biolabs) in a restriction reaction of 10µL for 1h at 37
o
C as described by 
Ablain et al. 2015. The digested vector was purified using a commercial Gel Pure Extraction kit 
(NZYTech) to eliminate enzyme residues from the mixture as well as the region taken out of the 
vector. NEBioCalculator tool was used to obtain correct ratios of insert and vector. Purified digested 
vector was ligated overnight at 16
o
C using of T4 ligase with the annealed sgRNA oligonucleotide 
insert in a 1:20 ratio following the protocol on section 2.2.2. Ligation product was transformed using 
Mach-1 competent bacteria and DNA was extracted as described (see section 2.2.3). To confirm the 
sgRNA cloning in the mutation vector DNA was sent for sequencing using the primer 5’-
CCTCACACAAACTCTGGATT-3’
[146]
 and then purified using phenol:chloroform (see section 2.2.4). 
The empty vector was sequenced after recombination, purified with phenol:chloroform and stored 
until use. 
 
2.3.5 Tol2 transposase synthesis 
The plasmid used for the Tol2 transposase mRNA synthesis was pCS2FA-transposase 
(Tol2kit #396). 8 µg of the plasmid was linearized ON at 37ºC with 6U of NotI enzyme (20U/µL, 
Anza™ 1 NotI, Thermo Fisher Scientific), 1x restriction buffer (Thermo Fisher Scientific) in a total 
volume of 20 µL. Resulting DNA was purified with phenol:chloroform (see section 2.2.4). The in 
vitro transcription steps were similar to the description in section 2.2.5.  
 
2.3.6 Assessment of foxm1 transcriptional levels in mylfpa positive muscle cells 
In order to assess the expression of foxm1 in differentiated muscle cells (mylfpa) used for the 
tissue-specific approach, several steps had to be performed. 
 
2.3.6.1 mylfpa vector injection and ZED integrated fishes (F1) crossing  
The mylfpa:mCherry construct was co-injected with Tol2 transposase mRNA, in a final 
concentration of 50ng/µL and 25ng/µL respectively, into one-cell stage WT TU embryos as described 
in section 2.2.7. 
F1 fishes expressing dsRed2 in muscle cells derived from the activity of a ZED vector 
integration
[181]
 were also crossed to generate F2 embryos. All embryos were maintained in E3 medium 
supplemented with PTU until selection of positive embryos at 24hpf in the injected larvae and at 72hpf 
in ZED F2 embryos. 
 
2.3.6.2 Cell dissociation of zebrafish embryos 
After selection of positive embryos under fluorescent light in a stereoscope (M205, Leica 
Microsystems), groups of 400 injected embryos were dechorionated in a 1mL solution with pronase at 
0.3mg/mL at 28ºC for 15 min with gentle shake. Embryos were then washed with E3 medium to 
remove the remaining pronase. At this point, Ginzburg Fish Ringer  was added to disrupt the embryos’ 
yolks by pipetting up and down and shaking tubes at 1100rpm for 5 min. Samples of both injected and 
ZED embryos were placed on ice for 5 min and disrupted embryos were centrifuged at 300g for 30s. 
Pellet was resuspended in 300µL of dissection buffer (appendix) (filtered with a 0.22µm cellulose 
acetate membrane) and the mixture was centrifuged at 300g for 30s. Pellet was resuspended with a 
32ºC pre-warmed digestion buffer (dissection buffer supplemented with collagenase II 0.125mg/mL 
and TrypLE Select 1x). The mixture was incubated at 32ºC with 800rpm shaking for 30 min and 
mechanical dissociation was performed by pipetting up and down every 5 min using low adhesion tips. 
The cell mixture was centrifuged for 4 min at 1800rpm (4ºC) and the pellet washed with PBS 1x. 
Washed mixture of cells was centrifuged at 1800rpm for 4min (4ºC) and the pellet was resuspended in 
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FACS buffer (PBS 1x, 0.5% BSA)). Cells in FACS buffer were filtered with a 40µm mesh cell 
strainer for a 5mL PP flow cytometry tube (FALCON) kept on ice. 
 
2.3.6.3 Fluorescence-activated cell sorting (FACS) 
The cell sorting was performed in the BD Aria II FACS cytometer. Cells were selected based 
on the RFP expression in the “purity” mode and collected into a tube with FACS buffer. After FACS, 
suspension was centrifuged at 300g for 10 min and the pellet was resuspended in TRIzol (Invitrogen, 




2.3.6.4 RNA extraction 
 Chloroform (100 µL) was added to 500µL of cells in TRIzol and centrifuged at 13300rpm for 
20 min (4ºC). Then the upper phase was transferred to a new tube, isopropanol (300 µL) and 2 µL 
glycogen (4mg/mL, Sigma-Aldrich-Merck, Roche) were added, mixed and the samples precipitated 
for 2h at -80ºC or ON at -20ºC. Nucleic acids were centrifuged for 20 min at 13000rpm (4ºC). Pellet 
was dried. In a following DNAse treatment for 1µg of estimated RNA, 1 µL of DNAse I (Thermo 
Fisher Scientific) was used in a total 10 µL mix with 20U of Ribonuclease Inhibitor (40U/µL 
NZYtech), 0.1 µL of 50mM DTT and the resuspended nuclei acids. The solution was incubated at 
37ºC for 30 min. To stop the reaction, 1 µL of EDTA 50mM was added per each 1µg of estimated 
RNA. Sample was purified with phenol:chloroform RNAse free and samples were centrifuged at 
13300rpm for 5 min. The upper phase was carefully collected (without touching the interface) into a 
new tube and its volume quantified. RNA was precipitated with a mixture of ethanol and sodium 
acetate at -80ºC for 2h. The solution was centrifuged for 15 min at 13300rpm (4ºC). The pellet was 
washed with 70% ethanol and centrifuged at RT, 13300rpm for 10 min, dried and dissolved in water. 
Samples were quantified in NanoDropTM 1000 and stored at -80ºC. 
 
2.3.6.5 Reverse transcription (cDNA synthesis) 
 Samples were added to a PCR tube to be retrotranscribed with 400µL of SuperScript™ II 
Reverse (200U/µL Thermo Fisher Scientific) Transcriptase according to manufacturer’s instructions. 
The amount of RNA used for RT-qPCR was 1.5µg in final solution of 20µL. RNA for 
semiquantitative PCR was 50ng in a solution of 10µL. 
 
2.3.6.6 Semiquantitative PCR 
A PCR reaction was performed using 2U of HOT FIREPol® DNA Polymerase (5 U/µL Solis 
BioDyne) according to manufacturer’s instructions in a thermocycler (Veriti, Applied Biosystems) 
using the following conditions: initial denaturation at 95°C for 15 min, 35 cycles with denaturing at 
95°C for 30s, annealing adjusted to the primers’ melting temperature for 30s, elongation at 72°C for 1 
min and a final cycle of elongation step at 72°C for 5 min. The primers for eef1a1 and foxm1 used 
were the same described for RT-qPCR (Table 6.4 appendix). The amplicon size was checked in an 
agarose gel (1%).  
 
2.3.7 Co-microinjection of Tol2 transposase and constructs  
  To perform a mosaic loss-of-function assay as well as immunohistochemistry, WT TU 
zebrafish embryos were microinjected with a mix of two vectors and Tol2 transposase at 50ng/µL. 
The different conditions used were: empty vector (150ng/µL) + negative control vector (50ng/µL), 
mutation vector (150ng/µL) + negative control vector (50ng/µL) and negative control vector alone 




2.3.7.1 Mosaic loss-of-function assay 
The screening of positive embryos (expressing fluorescence) was performed at 24hpf under a 
fluorescent light stereoscope. This assay comprises observation and quantification of fluorescent cells 
at different developmental stages (24, 48 and 72hpf and 120hpf). Images at each timepoint were 
obtained with a Hamamatsu ORCA-Flash4.0 LT camera, and posteriorly analyzed using ImageJ tools 
to quantify the fluorescent cells. The number of fluorescent cells quantified at 24hpf represented a 




To perform a quantitative expression analysis, RNA was extracted and retrotranscribed 
(sections 2.3.6.4 and 2.3.6.5) from different groups of embryos injected at 100ng/µL with mutation 
vector, empty vector and negative control vector (described on section 2.3.1) at 72hpf. The RT-qPCR 
had 3 biological replicates using 3 technical replicates per target gene. In the quantitative analysis, 
expression of foxm1, cyclin B (ccnb1), p21, pax7a, stat3 and the housekeeping reference genes tbp and 
eef1a1 was assessed. 
 
2.3.7.2.1 Primers design 
Primers for foxm1 (from Sadler et al. 2007
[182]
), cyclin B (ccnb1), p21, tbp and eef1a1 had 
been previously designed. stat3 primers were described in Schiavone et al. 2014[183]. Primers for 
pax7a were designed using NCBI Primer Blast online tool 
(https://www.ncbi.nlm.nih.gov/tools/primer-blast/) with a forward primer between exons 2 and 3 from 
the Ensembl sequences (www.ensembl.org), primer size between 20-23 bases, primer melting 
temperatures between 57 and 63ºC and at least one GC clamp. Melting temperatures and self-
complementarity was checked with Oligo Calc online tool 
(biotools.nubic.northwestern.edu/OligoCalc.html). Primers listed on Table 6.4 (appendix). 
 
2.3.7.2.2 Primer efficiency, RNA verification, qPCR procedure and analysis 
cDNA from 24hpf embryos was used to test primer efficiency, through serial dilutions of 
DNA (1:2; 1:20; 1:200; 1:2000). Primer efficiency was calculated using CFX Maestro 1.0 (BioRad 
version 4.0.2325.0418). cDNA was plated into a 96 real-time plate. According to manufacturer’s 
instructions, a mix of primers (10mM) and iTaq
TM
 Universal SYBR Green Supermix (BioRad) was 
prepared and added to the correspondent well. The program in the thermocycler (CFX BioRad 96-well 
system) was: denaturation at 95ºC for 3 min, 39 cycles of denaturation 95ºC for 30s, annealing 56ºC 
for 30s, elongation 72ºC for 30s and a melting curve obtention through raising temperature 0.5ºC per 
10s between 55ºC to 95ºC. RNA samples were used as template in a RT-qPCR reaction to ensure the 
absence of genomic DNA, which could compromise the expression level analysis. Each plate 
contained a blank for each master mix (one per target gene) to ensure the absence of contaminants.  
 
2.3.8 Immunohistochemistry 
Immunohistochemistry for both cleaved Caspase-3 and H2AxS139ph were performed. 
However, the protocols (appendix) should be improved. 
 
 
2.4 Statistical analysis 
The statistical analysis was performed using Microsoft Office Excel and Graph Pad Prism 6 
software. In the analysis it was assumed that sample groups presented asymmetrical variance, verified 
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by D’Agostino-Pearson e o Shapiro normality tests. The significance of differences among samples 
means was determined by an unpaired Mann-Whitney t-test. Statistical significance was determined 












Chapter 3. Results and Discussion 
Zebrafish has been widely used a model to study human disease and aging
[87], [93], [184]–[189]
. In 
2015, Houcke and colleagues have extensively reviewed its usefulness as a gerontology model. In this 
paper, they overview numerous studies demonstrating molecular, cellular and functional phenotypes 
of senescence in zebrafish characterizing this model’s aging process
[83]
. 
In this dissertation we used zebrafish to study the role of foxm1 in senescence. The main aim 
was to produce mutant cells and zebrafish mutant lines for this gene through CRISPR-Cas9 
technology and describe the resulting phenotype. To validate the ability of this mutagenesis system to 
generate alterations in the fish genome at the laboratory, a transgenic line Tg(elalv3:E-GFP) 
previously generated by Fábio Ferreira, expressing E-GFP throughout the central nervous system, was 
used. These transgenic animals allowed to observe the alterations induced by the mutagenesis 
technique in vivo. In Figure 3.1, a loss of E-GFP expression can be visualized both in the brain and 
trunk of larvae co-injected with sgRNA against E-GFP and in vitro synthetized Cas9 mRNA, 














Figure 3.1 Validation of mutagenesis by the CRISPR-Cas9 system.  In vivo visualization of E-GFP pattern in a Tg(elavl3:E-
GFP) larvae at 72hpf. A, A’ and A’’ imagens correspond to the non-injected negative control - Tg(elavl3:E-GFP) fish. B, B’ 
and B’’ images correspond to larvae previously injected with a sgRNA against E-GPF and the synthetized Cas9 mRNA. A 
and B correspond to the whole embryo pattern of expression. A’ and B’ are a higher magnification of the head with different 
regions that show loss of E-GFP expression (delimited by dashed lines) in B’. A’’ and B’’ are amplifications of the trunk 
demonstrating examples of regions with a change in pattern of homogeneity between conditions. 









This in vivo observation shows that the synthetized Cas9 mRNA as well as the sgRNA against E-GFP 
seem to be responsible for a E-GFP expression loss in the embryos’ nervous system when compared 
with non-injected animals with the same genetic background. In parallel to the in vivo observations, 
and to validate the functionality of this system, DNA was extracted from batches of injected embryos 
at 24hpf and amplified with designed and optimized primers for the targeted E-GFP region. The 
amplified genomic region of both non-injected control embryos and CRISPR-Cas9 injected embryos 
was then loaded into a polyacrylamide gel (PAGE) to validate E-GPF mutation. Sanger sequencing 
analysis was performed to evaluate the presence of mutations in the targeted region. In Figure 3.2 A, 
the presence of additional bands on PAGE in injected transgenic embryos’ samples comparing to the 
negative controls reveals that the CRISPR-Cas9 mutagenesis leads to alterations in the fish genome, as 
seen by the formation of heteroduplexes. In Figure 3.2 B a chromatogram from Sanger sequencing of 
both negative control and mutated batches is shown. In this image, the negative control exhibits the 
reference sequence of the target region. In contrast, the batch of injected embryos reveals the presence 
of altered nucleotide sequences starting from the PAM, suggesting a successful mutation of the E-GFP 
targeted region through CRISPR-Cas9. This result mimics and validates the phenotype observed in 
vivo. 
Since the CRISPR-Cas9 system was functional, we proceeded to design and synthetize 
sgRNAs targeting different regions of foxm1: the first coding region of foxm1 (exon 2) and the initial 
part of the TAD domain (exon 8) (Figure 3.3).  
 
Figure 3.2 PAGE with samples from each condition run in triplicate. First lane corresponds to the ladder, then three batches of 
sgRNA against E-GFP+Cas9 mRNA injected embryos and the last three lanes are the non-injected controls. The amplicon from the 
target region has 176bp. In the image the bands between 250-500bp correspond to different heteroduplexes (A) On the right is the 
Sanger sequencing with reference E-GFP sequence (B, top), the non-injected embryos’ pattern of E-GFP expression and on the 
bottom the results for one of the injected batches. 
Figure 3.3 All sgRNAs tested predicted targeted regions on FoxM1 protein. FoxM1 protein has 3 different 





All sgRNAs were tested as referred above for E-GFP. After PAGE analysis, when a mutation 
in foxm1 was suspected, the DNA sample was sequenced. As described in Chapter 2, six sgRNA were 
tested for the first coding region of foxm1 (exon 2). None of these sgRNAs induced mutations, as it 
can be visualized by the absence of heteroduplex formation on the PAGE results, comparing the 
injected batches of embryos with the respective controls (Figure 3.4).  
In 2004, Amesterdam and collaborators described a series of genes vital for zebrafish early 
embryonic development, however, foxm1 is not among the described genes
[190]
. Nevertheless, the 
initial cell divisions in zebrafish are synchronic and rapid between S phase and mitosis
[88], [172]
. Since 
embryos at one-cell stage show this incomplete embryonic cell cycle and foxm1 carries a great 
importance as a major regulator of the cell cycle, we hypothesize that the lack of mutations in the 
initial portion of foxm1 could indicate that its loss may be lethal, or alternatively, all six sgRNAs 
tested are indeed ineffective at generating a foxm1 mutations. Indeed, it has been previously described 
that some sgRNAs are less efficient or inactive being unsuitable to generate targeted mutations 
(reviewed on [191]). 
We also tested sgRNAs targeting a different region of the gene. Exon eight of foxm1 encodes 
for the initial portion of the TAD domain (Figure 3.3). In human cells, a mutation in this domain leads 
to a dominant negative form of FOXM1
[46]
. Aligning human and zebrafish sequences, we were able to 
find the homologue region in the zebrafish foxm1, exon eight. The PAGE-based analyses on Figure 3.5 
A demonstrates the presence of heteroduplexes in all batches of embryos for one (sgRNA8.2) out of 





Figure 3.4 PAGE of foxm1 exon 2 sgRNA tested. All batches of each condition were run in triplicate. The amplicon size of 
sgRNAs tested on the PAGE on the left was 211bp. The positive control corresponds to DNA from embryos Tg(elavl:E-GFP) 
injected with sgRNA against E-GFP (amplicon size 176bp). On the right the amplicon size was 288bp 
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These results suggest that sgRNA 8.2 induces mutations in this foxm1 targeted region. To 
further test this possibility, we have sequenced some heteroduplexes bands extracted from the PAGE 
and we were able to detect mutations in these sequences (Figure 3.5 B).  Embryos injected with this 
sgRNA 8.2 were raised until adulthood and outcrossed to search for carriers of mutations in the 
germline (founders). All the experiments from this point on were performed using this sgRNA 8.2. 
To generate a stable mutant line, the alteration in the targeted gene must be present in the 
germline to be inherited by the offspring. These germline mutations can be easily identified by 
progeny screening using standard molecular biology methods. The injected embryos raised until 
adulthood (F0 animals) were outcrossed and, when possible, the offspring was divided into batches to 
test for mutation through DNA extraction, amplification, PAGE analysis and sequencing (Figure 6.1 to 
6.9 appendix). After the identification of germline mutations, embryos from those F0 animals (F1 
embryos) were raised to adulthood, to generate mutant stable lines for foxm1. The sequencing results 
from PAGE-positive samples correspond to batches of eight heterozygous embryos, therefore, 
different chromatogram sequences appear overlapped making it difficult to determine, at this point, the 
embryos’ exact mutation. However, it is possible to find the most predominant mutations. The precise 
mutation can be determined later on, when animals reach adulthood, through single-fish analysis. 
From the raised animals (F0), 14 fishes were tested and 9 of those (64%) carried a foxm1 
mutation in the germline. After sequencing analysis of the progeny, we verified that the 9 founders 
were able to generate 3 independent mutations, all of them with no framing shift. The independent 
detected mutations were short deletions: 1 (11%) had a deletion of three nucleotides and 6 (67%) had a 
deletion of nine nucleotides and 2 had a deletion of twelve nucleotides (22%; Table 3.1). This is an 
interesting result since the random probability of mutations resulting in a framing shift is around 67% 
and we have obtained none out of 9 identified mutations. Framing shifts form through insertions or 
deletions of 1 or 2 nucleotides or multiples of those numbers. Only mutations of 3 nucleotides and its 
multiples do not result in a framing shift. This means that, for instance, in 9 foxm1 mutant founders, 
about 6 of those should generate a framing shift mutation in the offspring. This outcome suggests that 
foxm1 framing shift mutations are not compatible with embryo formation or germline cell survival, 
which could be explained by the known relevance of foxm1 in crucial stages of the cell cycle and 
mitosis
[34], [192]
. The largest isolated deletions in foxm1 correspond to a 12-nucleotide deletion. Through 
protein alignment of human FOXM1 and zebrafish FoxM1 (Figure 6.10 appendix), we confirmed that 
this deletion in the zebrafish included an amino acid homologue to a human small-ubiquitin-like 
modification (SUMOylation) site. SUMOylation is relevant  in cell cycle regulation
[193]
. SUMOylation 
seem to target proteins (e.g. Aurora-B, Cyclin-B1, CENP-F, PLK1, BUB1) responsible for multiple 
Figure 3.5 (A) corresponds to the PAGE of CRISPR-Cas9 tested sgRNAs for the eighth exon of foxm1. All sgRNAs were tested in 
triplicate batches of embryos. The amplicon size was 370bp. There are heteroduplexes with weights ranging between 500-900 bp. 





functions as DNA replication and condensation, chromosome alignment and segregation and 
cytokinesis. In mice, the loss of these regions has been described to cause genomic instability through 
chromosome missegregation[194]. We verified that one of the previously studied lysines (K368) of 
human FOXM1
[194]
 corresponds to deleted lysine (K315) on the crispant F1 offspring of two founders 
(Figure 6.10 appendix).  
 
Table 3.1 Founders' offspring majority alterations on foxm1 target region in terms of genomic sequence and their predicted 
protein modification 
Founders foxm1 targeted sequence Predicted translation 
Wild type …AAGATGAAGCCTCTACTGCCTCGGACTGAC… …KMKPLLPRTD… 
Founder 1 …AAGATGAAGCCT---CTGCCTCGGACTGAC… …KMKP-LPRTD… 
Founder 2 …AAGATGAA---------GCCTCGGACTGAC… …KMK---PRTD… 
Founder 3 …AAGATGAA---------GCCTCGGACTGAC… …KMK---PRTD… 
Founder 4 …AAGATGAA---------GCCTCGGACTGAC… …KMK---PRTD… 
Founder 5 …AAGATGAA---------GCCTCGGACTGAC… …KMK---PRTD… 
Founder 6 …AAGATGAA---------GCCTCGGACTGAC… …KMK---PRTD… 
Founder 7 …AAGATGAA---------GCCTCGGACTGAC… …KMK---PRTD… 
Founder 8 …AAGA------------TGCCTCGGACTGAC… …KM----PRTD… 
Founder 9 …AAGA------------TGCCTCGGACTGAC… …KM----PRTD… 
 
The studies concluded that K315 SUMOylation is needed for FoxM1 activation, since it 
inhibits binding of NRD to TAD domains, allowing the binding of FoxM1 to its DNA target 
sequences
[192], [194]
. These data lead us to the hypothesize that zebrafish carrying the deletion on K315 
may have a severe impairment of foxm1 function. SUMOylation have also been linked to numerous 
genes known to modulate cellular senescence (carefully reviewed in [195]). As described on Chapter 
1, p53/p21 is an important network in cellular senescence. For instance, p53, an important cellular 
senescence marker, can be modified by SUMO proteins that stabilize the protein and consequently 
induce senescence
[196]
. Nevertheless, to our knowledge, no study has linked FoxM1 SUMOylation to 
cellular senescence. Unfortunately, we were not able to raise progeny from animals carrying the 
mutation on foxm1 K315, further suggesting its deleterious effect, but F1 carriers of the other deletions 
are being raised to adulthood. 
Since we wanted to achieve a muscle-specific mutation of foxm1 and assess the consequent 
phenotypes in differentiated cells, we first tested for the expression of this gene in muscle cells. For 
that we have sorted by fluorescence-activated cell sorting (FACS) terminally differentiated muscle 
cells. We have used two in vivo reporters for the FACS experiment. We have injected in one cell stage 
embryos a construct that drives mCherry expression under the control of the mylfpa muscle specific 
promoter (mylfpa:mCherry
[197], [198]
), and we have used a ZED line that is a muscle specific reporter 
line (cardiac actin-dsRed2
[181]
). A positive control corresponding to whole embryos was used. To 
validate RNA extraction and retrotranscription procedures on cells, we also tested the expression of a 
housekeeping reference gene (elongation factor 1 alpha 1, eef1a1). As shown in Figure 3.6 the eef1a1 
358bp fragment was amplified from the cDNA, as well as the foxm1 139bp, both from the mylfpa 
reporter construct (mylfpa cells) and from the muscle specific reporter line (ZED cells). These results 
suggest that there is expression of foxm1 in differentiated muscle cells. It is important to notice that the 
experiments lack the result from the PCR reaction using purified RNA before retrotranscription, with 










FoxM1 has a key role in cell cycle and proliferation
[31]
, thus it is expected for this gene to be 
highly expressed in proliferating tissues, rather than in differentiated cells. Recently, Chen and 
collaborators have shown through immunofluorescence analysis of mice myofibers, that FoxM1 was 
not (or minutely) expressed in Pax7 negative, fully differentiated muscle cells. The authors concluded 
that this gene’s expression decreases rapidly upon satellite cell differentiation in mice
[199]
. However, 
we are able to detect foxm1 expression in the sorted muscle cells by RT-PCR, indicating that this gene 
is indeed expressed in zebrafish differentiated muscle cells. 
To generate mosaics of muscle mutant cells for foxm1, we have used the CRISPR-Cas9 
mediated system developed by the Zon’s group, extensively described in the introduction
[146]
. In 
summary, we have used a transposon that encodes Cas9 fused to GFP under the control of the muscle 
specific promoter mylfpa and the sgRNA 8.2 under the ubiquitous promoter U6 
(mylfpa:Cas9GFP;sgRNA8.2). Upon injection, this construct will generate mosaics of muscle cells 
mutant for foxm1 labeled with GFP, allowing to trace these cells in vivo. A similar construct but 
lacking a sgRNA was also generated to be used as a negative control for the experiment 
(mylfpa:Cas9GFP). In addition, we have used another reporter transposon containing the promoter of 
mylfpa driving the expression of mCherry to label WT terminally differentiated cells in vivo 
(mylfpa:mCherry). After cloning and confirming that the vectors were correctly assembled, they were 
purified to be suitable for zebrafish microinjection. These vectors were used to perform a mosaic loss-
of-function of foxm1 in muscle cells. After injection of the transposons in embryos at one-cell stage, 
we have documented and quantified the GFP and mCherry positive cells at 24, 48, 72 and 120 hpf. We 
were able to observe that the number of WT mCherry positive cells increase in each timepoint, while 
the number of GFP positive cells is mostly kept during the experiment, both for 








Figure 3.6 Agarose gel of semiquantitative evaluation of both eef1a1(358bp) and foxm1(139bp) expression in muscle FACS 
sorted cells (mylfpa:mCherry and ZED cells) and whole embryos (positive control). The first and fifth lanes correspond to the 
































These results show that there are two different growth dynamics for cells incorporating the 
Cas9_GFP expressing vectors, regardless of having the potential to mutate foxm1, when comparing 
with the WT cells labeled with mCherry.  
The quantification of Cas9_GFP positive cells revealed that the number of these cells tend to 
be stable or even decrease in the last timepoint assessed, in both experimental conditions 
(mylfpa:Cas9GFP;sgRNA8.2 and mylfpa:Cas9GFP) (Figure 3.9). This reduction leads us to 
hypothesize that the common reagent, Cas9, may show a toxicity relevance when highly and 
continuously expressed in cells, independently of having a sgRNA. This toxicity was not reported in 
Ablain et al. 2015 experiments
[146]




Figure 3.7 Embryo injected with mylfpa_Cas9GFP and mylfpa_mCherry. A’, B’, a’ and b’ are amplification of the regions 
delimited by squares in A, B, a and b respectively. The white arrows correspond to a few examples of cells which appear 
between timepoints in the red channel and disappear in the green channel between timepoints 
Figure 3.8 Embryo injected with mylfpa_Cas9GFP; sgRNA 8.2 and mylfpa_mCherry. A’, B’, a’ and b’ are amplification of 
the regions delimited by squares in A, B, a and b respectively. The white arrows correspond to a few examples of cells which 



































To further investigate the mechanism of elimination of cells we performed 
immunohistochemistry for a DNA damage marker (H2axS139ph) and an apoptosis marker (cleaved 
Caspase-3). Unfortunately, the results were inconclusive suggesting that a supplementary optimization 
of the protocol is needed. Therefore, our observation constitutes an important insight for researchers 
using CRISPR-Cas9 in transgenesis systems. Nevertheless, regardless of the toxic effect, most likely 
associated to the expression of Cas9, WT mCherry labeled cells, when co-injected with the 
mylfpa:Cas9GFP;sgRNA8.2 vector increase more their number than when co-injected with 

















Figure 3.10 Graphical representation of mCherry-positive cell variation between timepoint and condition. On the right there 
is the mCherry cell variation through time between conditions, negative control consisting on mylfpa_mCherry cells (n=34 
embryos), empty vector injected (n=40 embryos) consisting on mylfpa_Cas9GFP and foxm1 mutant vector with sgRNA 8.2 
Figure 3.9 Graphical representation of GFP-positive cell variation between timepoints and conditions (empty vector injected 
(n=40) and foxm1 mutation vector (n=39) -with sgRNA 8.2- injected embryos). The values were normalized based on the 
number of GFP positive cells counted in the first timepoint (24hpf) and converted into percentages to facilitate the 
comparison between timepoints and conditions 
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affecting mylfpa_Cas9GFP cells (n=39 embryos). The values were normalized based on the value of the first timepoint 
(24hpf) and converted into percentages to facilitate the comparison between timepoints and conditions. 
This indicates that mutations in foxm1 in muscle cells may induce a non-cell autonomous 
response in the surrounding progenitor cells (SC), or other differentiated cells, stimulating even more 
the increment of WT mCherry expressing cells. Actually, the foxm1 mutagenesis condition images’ 
(Figure 3.10) illustrate the increase of the mCherry positive cells surrounding the region where GFP 
cells disappear, which may be indicative of a signaling mechanism favoring the proliferation and 
differentiation of mCherry WT cells over the foxm1 mutated population.  
 
To better understand the dynamics of the increase in cell number of WT cells, we have 
repeated the same experiment injecting the mylfpa:mCherry vector alone (Figure 3.10; Figure 3.12). 
Surprisingly, the increase in the number of mCherry cells was much milder comparing with the co-
injections of   mylfpa:Cas9GFP;sgRNA8.2   or mylfpa:Cas9GFP vector. These results suggest that 
Cas9 expressing cells, mylfpa:Cas9GFP;sgRNA8.2   or mylfpa:Cas9GFP, induce non-autonomously 
the increase  in the number of WT mCherry cells. This might be explained by a compensatory 
mechanism, most likely related with tissue regeneration, as a response to the toxicity of Cas9, forcing 
progenitor cells to compensate for the limited and low numbers of Cas9 expressing cells. This effect is 
even stronger when embryos are co-injected with mylfpa:Cas9GFP;sgRNA8.2 vector, targeting foxm1, 
suggesting that the loss of foxm1 might enhance this compensatory effect non-autonomously. 
 
Figure 3.11 Representative images of the same embryo injected with the mutant condition at two different 
timepoints: 48hpf (upper images) and 72hpf (lower images). The images on the right are amplifications of 
the regions delimited by squares in the left images. The white arrows indicate cells expressing GFP that 
disappear with time with a noticeable increase in the mCherry positive population in the surroundings of 






















In 2015, Fridlyanskaya et al. proposed that cellular responses are determined by the tissue 
environment. Authors exemplify this statement with studies of lymphoid, hematopoietic and 
embryonic stem cells which respond to an induced stress by activating apoptosis when either adult 
stem cells or fibroblast-like cells induce senescence. Authors also mention that tissue repair is 
guaranteed when mesenchymal stem cells are exposed to a stress factor
[202]
. The senescent state may 
induce remodeling and proliferation of cells in the vicinity as described in Storer et al 2013 and 
Munoz-Espín et al 2014
[102], [203]
. As previously described in Chapter 1, cells exposed to stressful 
events can promote “de-differentiation” of cells to improve proliferation and tissue remodeling
[120]–
[124]
. As previously shown, skeletal muscle repair was also linked with a progenitor independent 
process
[120], [121]
.  Interpreting our results under this light, we theorize that the increased   number of 
WT mCherry cells nearby cells incorporating the mylfpa:Cas9GFP;sgRNA8.2 construct, might be due 
to a signaling secretome (possibly SASP) from foxm1 mutant cells, that could be acquiring a senescent 
state. Indeed, it has been demonstrated that senescent cells change dramatically their secretome
[54], [204]
. 
This secretome may induce SC and progenitor cells in the vicinity to proliferate or induce “de-
differentiation” of mature healthy myofiber cells boosting tissue remodeling and repair. 
To understand the signaling processes that may be occurring in the foxm1 mutant cells, we 
measured the expression levels of several genes associated with the senescence process and cell 
signaling. Quantitative analysis was obtained through a RT-qPCR of whole embryos injected with one 
of three conditions: mylfpa:Cas9GFP;sgRNA8.2 to induce foxm1 mutant cells, mylfpa:Cas9GFP as a 
non-mutagenic control and mylfpa:mCherry labeling WT cells. The results are displayed in two sets of 
data, the cell cycle markers (Figure 3.13 A) and muscle specific genes (Figure 3.13 B). Although the 
outcome of this analysis was not statistically significant, we can observe a tendency to increase both 
foxm1 and cyclin B expression levels in the mylfpa:Cas9GFP;sgRNA8.2 condition comparing to the 
other conditions (mylfpa:Cas9GFP and mylfpa:mCherry; Figure 3.13 A). Knowing that the 
mutagenesis system should induce a foxm1 knockdown in the target cells, this result may seem 
contrary to the expected. However, because gene expression was assayed on whole embryos, SC cells 
may be increasing their proliferation rate, or differentiated cells might dedifferentiate and enter cell 
cycle, as a signaling response from the foxm1 mutant cells. Taken together, both assays lead us to 
hypothesize that foxm1 may have an important role in fully differentiated cells, modulating their 
Figure 3.12 Animal injected with mylfpa_mCherry vector to visualize the 
fluorescence variation between 48 (upper images) and 72hpf (lower images). 
The images on the right are amplifications of the regions delimited by squares 
in the left images. The white arrow triangles correspond to a few examples of 
cells which appear between timepoints  
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ability to signal other differentiated or progenitor cells. The p21 expression values were not 
substantially altered, suggesting that either foxm1 mutant cells are not truly senescent or the limited 
amount of these cells is so underrepresented in the whole embryo that does not allow to detect a 
significative increase in this senescence marker. To bypass this problem, immunohistochemistry, in 
situ hybridization or RT-PCR after cell sorting should be used. 
pax7a and stat3 transcriptional levels were also evaluated to assess whether the putative 
senescent cells were communicating with the surrounding cells potentially through the release of 
cytokines and chemokines, such as IL-6. This molecule could then act on muscle cells by activating 
the JAK-STAT response signaling pathway, of which Stat3 is part. Figure 3.13 B shows that stat3 is 
most expressed in the embryos with foxm1 mutation, supporting the role of the JAK-STAT pathway in 
the response to foxm1 mutation and downregulation. The data also shows an increment on pax7a 
expression levels in this condition, reflecting the activity of some regeneration or repair mechanism 
occurring in this tissue in response to the foxm1 mutation, potentially via IL-6 and Stat3. In 
concordance to our results and as seen in Chapter 1, JAK-STAT signaling seems to be activated in 
aging processes and related to regeneration processes
[133], [135], [138]
.  Although future work is required to 
describe the cell-to-cell communication and regenerative mechanisms involved in the response to 
foxm1 mutant cells, this study associates a foxm1 mutation with autonomous loss of proliferative 
capacity or cell death, resulting into a decreased number of foxm1 mutant cells. Non-autonomously, 
foxm1 mutant cells might be promoting the organism’s response through signaling pathways, likely 
JAK-STAT, stimulating repair and regeneration of the muscle. 
Further analysis would be necessary to disclose the processes occurring in the foxm1 mutant 
cells. In the future, it would be vital to perform RT-qPCR in mutated cells and their neighbors to 
strength the hypothesis of IL6 and Stat3 signaling between the foxm1 mutant and WT cell populations. 
This quantitative study would provide useful information not only regarding foxm1 mutation, but also 
its consequences. As described in the Chapter 1, there is a lack of adequate senescence markers to 
study this process in vivo. However, an additional analysis including a SA-β gal staining in the 
mutated embryos would clarify the state of senescence in foxm1 mutant cells. A complementary 




Figure 3.13 Expression levels of cell cycle markers (left) and muscle cell proliferation and signaling (right) on the three 
conditions studied negative control (mCherry only), empty vector and foxm1 mutation vector. Analysis after RT-qPCR of 
whole embryos injected with the respective condition. 
 
Figure 3.14 Expression levels of cell cycle markers (left) and muscle cell proliferation and signalin  (right) on the three 
conditions studied negative control (mCherry only), empty vector and foxm1 mutation vector. Analysis after RT-qPCR of 
whole embryos injected with the respective condition. 
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Chapter 4. Conclusion remarks and Future perspectives 
In this project, the CRISPR-Cas9 system was applied to mutate the zebrafish foxm1. A sgRNA 
(8.2) was shown to induce mutations in the gene of interest, in injected zebrafish embryos. Moreover, 
animals carrying a stable mutation were generated from multiple founders and different small 
deletions were observed. Interestingly, none of the isolated deletions corresponded to a frameshift in 
foxm1, suggesting that a mutant allele for this gene might be deleterious during embryogenesis or 
gametogenesis. An alternative explanation could be that the used sgRNA (8.2) might act with a strong 
bias to generate the uncovered mutations
[205], [206]
, although taking into account that the uncovered 
mutations always corresponded to deletions of codons, maintaining the frame of the coding protein, 
this last scenario is highly unlikely. Although the uncovered mutations have a low potential to 
generate a strong loss of function of foxm1, this must be addressed in future experiments. In addition, 
senescence-associated phenotypes must be also assessed to better understand the implications of foxm1 
in aging in vivo.  
In this study CRISPR-Cas9 mediated muscle-specific mutant fish was successfully created.  It 
was verified that integration of large vectors containing a continuous expression of Cas9 gene, induces 
toxicity in differentiated muscle cells. This observation, previously unreported, points to new a 
limitation in the use of expression vectors combined with the CRISPR-Cas9 system in zebrafish. 
Nevertheless, further technological developments should be able to bypass this limitation, as for 
instance the development of transiently active promoters. In addition, future studies might take these 
experiments as a cautionary tale to the use of tissue specific CRISPR-Cas9 induced mutations using 
expression vectors. Although the limitations of the used technique, we were able to show that: 1) 
foxm1 is expressed in differentiated muscle cells, 2) the loss of function of foxm1 in muscle somatic 
cells results in a mild and slow decrease of cell numbers, 3) the loss of function of foxm1 has a non-
autonomous effect in the surrounding WT cells. Altogether, we present evidence that suggest that 
foxm1, a well-known cell cycle gene, might have an important role in differentiated muscle cells. 
Interestingly, the non-autonomous effect observed in the loss of function of foxm1 results in a 
significant increase of the number of surrounding WT. This might suggest that foxm1 mutant cells 
might be signaling to differentiated muscle cells and SCs. Supporting this, we have observed a 
tendency, although not statistically significant, for the transcriptional increase of pax7a and stat3 a 
component of the JAK-STAT signaling pathway. These results could be compatible with a model 
where foxm1 mutant cells acquire a senescent state, starting to signal to surrounding cells, maybe 
through IL-6, inducing a boost in the regenerative response of neighboring foxm1 positive cells. 
Further investigation is needed to determine if this hypothesis is correct. Some assays, such as 
immunohistochemistry for apoptotic and senescence markers, would be useful to understand the 
events associated with the state and loss of cells expressing Cas9 and sgRNA. Additionally, it would 
be useful to perform a quantitative analysis of expression on foxm1 mutant FACS sorted cells to fully 
comprehend the processes occurring in the zebrafish foxm1 mosaic loss-of-function assay. 
Complementary studies using SA-β gal staining would also be a valuable approach to confirm 
senescence in mutated cells. Another interesting technique to use in future studies is RNA-seq. This 
technique would allow us to understand the genes involved in the processes taking place on the cells 
of embryos from the mutation condition, in an unbiased way.  
Overall, this work enabled the generation of foxm1 mutant fishes through CRISPR-Cas9 
technology. The results endorse the conclusion of a possible senescent state in foxm1 mutated muscle 
cells and a recognition of a non-autonomous response to foxm1 mutation in vivo, likely to include IL-6 
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Reagents and Medium constitutions 
E3 medium (5mM NaCl, 0.17mM KCl, 0.33mM CaCl2.2H2O, 0.33mM MgSO4.7H2O, 0.01% 
methylene blue [Sigma-Aldrich], pH 7.2) 
Annealing buffer (10mM Tris, at pH 7.5-8.0, 50mM NaCL,1m EDTA) 
NTP mix (10mM of ATP, UTP, CTP, GTP) 
Sephadex suspension (3.33g Sephadex G-50 fine DNA grade in 50mL of DEPC treated Tris-EDTA, 
GE) 
Genomic extraction buffer (10mM Tris pH8.2, 10mM EDTA, 200mM NaCl, 0.5% SDS and 
200ug/mL proteinase K) 
TE+RNAse (10mM Tris, 1mM EDTA pH8, 100µg/mL RNAse) 
RNA extraction mixture of ethanol and sodium acetate (0.03ml 3M NaAc, pH 5.6, in 0.997mL EtOH 
100%) 
Ginzburg Fish Ringer (6.50g KCl, 0.30g CaCl2, 0.20g NaHCO3 and ddH2O) 
Dissection buffer (HBSS 1x, Hepes 10mM, EDTA 2mM) 
PDT (PBS 1x; 0.1% Tween-20, 0.3% Triton and 1% DMSO) 





Table  6.2 List of oligonucleotides designed and ordered for targeting foxm1. gRNA sequences are in a 5’-3’ orientation 
 Forward Reverse 
Targeting foxm1 exon 2 
sgRNA 2.1 TAGGGGAAGGAGTGTGGGCCTC AAACGAGGCCCACACTCCTTCC 
sgRNA 2.2 TAGGTGTTTTTCTACAGAACTT AAACAAGTTCTGTAGAAAAACA 
sgRNA 2.3 TAGGTTTTGCTCTCCTCCAAAC AAACGTTTGGAGGAGAGCAAAA 
sgRNA 2.4 TAGGGTGTCCGGCATAGTAGGG AAACCCCTACTATGCCGGACAC 
sgRNA 2.5 TAGGGTCGAGGTGGTCTTACAG AAACCTGTAAGACCACCTCGAC 
sgRNA 2.6 TAGGGAGCAGTGGACTGGGTCG AAACCGACCCAGTCCACTGCTC 
Targeting   foxm1 exon 8 
sgRNA 8.1 TAGGGAACAGTGACTGACCCAG AAACCTGGGTCAGTCACTGTTC 
sgRNA 8.2 TAGGGTCAGTCCGAGGCAGTAG AAACCTACTGCCTCGGACTGAC 





Table 6.3 Designed primers for groups of sgRNA designed with melting temperatures and resulting fragment sizes 




foxm1 exon 2 
sgRNA 2.1-2.3 CACCCTACTATGCCGGACAC 62.5ºC GAGCTTGGGAAAGGTGAGTTA 59.5ºC 211 
sgRNA 2.4-2.6 GGGAGAGCCCAAGGAGACC 63.6ºC GGCGAAACAAGTTCATCCTGC 61.2ºC 288 
foxm1 exon 8 
sgRNA 8.1-8.3 AAAGCCATACCTGCATTGGGTG 62.5ºC CATTCTGGCAAAGCAAGTGATGA 60.9ºC 371 
GFP 
sgRNA GFP GGTGGTGCCCATCCTGG 59.8ºC CCTGACCTACGGCGTGC 59.8ºC 176 
 
 
Table 6.4 Re-design of sgRNA 8.3 to fit the recombination vector 
 sgRNA 8.3 sgRNA 8.3GW 
Forward (fw) TAGGGTCAGTCCGAGGCAGTAG GTCAGTCCGAGGCAGTAGGT 
Reverse (rv) AAACCTACTGCCTCGGACTGAC CTACTGCCTCGGACTGACGA 
 
 
Table 6.5 Primers used for qPCR with melting temperatures and fragment size 
primers Forward (fw) (5’-3’) Tm Reverse (rv) (5’-3’) Tm 
Fragment 
size (bp) 
foxm1 TCAGCCTGTGACCTCATCTG 60.5ºC AAGAGAGTGCTGTCGGGGTA 60.5ºC 139 
ccnb1 CAGGCTTTGAAGAAGAAGGAGG 62.1ºC GGCTCAGACACAACCTTAACG 61.2ºC 131 
p21 GACCAACATCACAGATTTCTAC 58.4ºC CTGTCAATAACGCTGCTACG 58.4ºC 166 
stat3 GTTGGAGACGCGGTATCTGG 62.5ºC CCCAGCAGGTTGTGGAAGAC 62.5ºC 159 
pax7a GGGGATAAAGGTAATCGCACG 61.2ºC ATGTGGTACGACTGCGTCTC 60.5ºC 94 
eef1a1 CCGCTAGCATTACCCTCC 58.4ºC CTTCTCAGGCTGACTGTGC 59.5ºC 358 














Figure 6.1 Sequencing results from the progeny heteroduplex band of Founder 1. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to 






























Figure 6.2 Sequencing results from the progeny heteroduplex band of Founder 
2. Presence of overlapped peaks on the chromatogram near the PAM comparing 
to the predicted foxm1 wildtype sequence and negative control. 
Figure 6.3 Sequencing results from the progeny heteroduplex band of Founder 3. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to 
the predicted foxm1 wildtype sequence and negative control. 
Figure 6.4 Sequencing results from the progeny heteroduplex band of Founder 4. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to the 





























Figure 6.5 Sequencing results from the progeny heteroduplex band of Founder 5. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to the 
predicted foxm1 wildtype sequence and negative control. 
Figure 6.6 Sequencing results from the progeny heteroduplex band of Founder 6. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to the 
predicted foxm1 wildtype sequence and negative control. 
Figure 6.7 Sequencing results from the progeny heteroduplex band of Founder 7. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to 























Figure 6.9 Sequencing results from the progeny heteroduplex band of Founder 9. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to the 
predicted foxm1 wildtype sequence and negative control. 
Figure 6.8 Sequencing results from the progeny heteroduplex band of Founder 8. 
Presence of overlapped peaks on the chromatogram near the PAM comparing to the 
predicted foxm1 wildtype sequence and negative control. 
Figure 6.10 Protein alignment of human FOXM1 and zebrafish FoxM1. Surrounded with a black 
rectangle is zebrafish lysine K315 (human K368) 
